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Abstract

:

Raman spectroscopy is a label-free, non-destructive, non-invasive analytical tool that provides insight into the molecular composition of samples with minimum or no sample preparation. The increased availability of commercial portable Raman devices presents a potentially easy and convenient analytical solution for day-to-day analysis in laboratories and production lines. However, their performance for highly specific and sensitive analysis applications has not been extensively evaluated. This study performs a direct comparison of such a commercially available, portable Raman system, with a research grade Raman microscope system for the analysis of water content of Natural Deep Eutectic Solvents (NADES). NADES are renewable, biodegradable and easily tunable “green” solvents, outcompeting existing organic solvents for applications in extraction from biomass, biocatalysis, and nanoparticle synthesis. Water content in NADES is, however, a critical parameter, affecting their properties, optimal use and extraction efficiency. In the present study, portable Raman spectroscopy coupled with Partial Least Squares Regression (PLSR) is investigated for rapid determination of water content in NADES samples in situ, i.e., directly in glassware. Three NADES systems, namely Betaine Glycerol (BG), Choline Chloride Glycerol (CCG) and Glucose Glycerol (GG), containing a range of water concentrations between 0% (w/w) and 28.5% (w/w), were studied. The results are directly compared with previously published studies of the same systems, using a research grade Raman microscope. PLSR results demonstrate the reliability of the analysis, surrendering R2 values above 0.99. Root Mean Square Errors Prediction (RMSEP) of 0.6805%, 0.9859% and 1.2907% w/w were found for respectively unknown CCG, BG and GG samples using the portable device compared to 0.4715%, 0.3437% and 0.7409% w/w previously obtained by analysis in quartz cuvettes with a Raman confocal microscope. Despite the relatively higher values of RMSEP observed, the comparison of the percentage of relative errors in the predicted concentration highlights that, overall, the portable device delivers accuracy below 5%. Ultimately, it has been demonstrated that portable Raman spectroscopy enables accurate quantification of water in NADES directly through glass vials without the requirement for sample withdrawal. Such compact instruments provide solvent and consumable free analysis for rapid analysis directly in laboratories and for non-expert users. Portable Raman is a promising approach for high throughput monitoring of water content in NADES that can support the development of new analytical protocols in the field of green chemistry in research and development laboratories but also in the industry as a routine quality control tool.






Keywords:


deep eutectic solvent; portable Raman spectroscopy; label free water quantification; in situ analysis; partial least squares regression












1. Introduction


Raman spectroscopy is a cost-effective, label free and non-destructive analytical tool [1] that delivers specific molecular information to enable the determination of the chemical composition of samples within seconds, with minimum or no requirements for sample preparation. The technique is based on the illumination of samples with a monochromatic laser source, resulting in a fraction of the light being inelastically scattered (the Raman effect) which can be collected as spectral signatures [2]. Raman spectroscopy is considered as an approach well suited for the monitoring and control of chemical and pharmaceutical processes [3,4], end point prediction of chemical synthesis reactions [5] or monitoring of polymorphic transformation in crystallisation processes [6,7]. In the microscopic mode, Raman spectroscopy can access molecular information at the micron level [8,9], and notable applications have been extensively covered in the literature, e.g., the mapping of biological tissues and cells for diagnosis or drug interactions [10,11,12,13,14,15]. Raman systems designed for research are generally equipped with multiple laser sources and offer a multitude of customizable parameters to optimise the data collection, such as adjustable pinhole, high magnification objectives and interchangeable gratings for different spectral resolutions. However, numerous applications aiming at routine analysis in laboratories, or in situ analysis in industrial settings, do not require such performances and sophisticated equipment. As an example, Raman spectra can be recorded from a sample directly in its container [16,17,18]. The analysis can be performed directly through packaging materials for identification of raw pharmaceutical materials in amber glass bottles, opaque polypropylene containers, paper, blue plastic sacking [16] and USP vials [17], enabling, for example, characterisation of artesunate antimalarial drugs through blister bags [18] or discrimination and quantification of chemotherapeutic solutions in glass bottles [19] or perfusion plastic bags [20]. In this configuration, the signal is collected in situ (or non-invasively) from a voxel corresponding to a reduced volume into the sample without requirement for samples withdrawal. In recent years, technological achievements have greatly improved the transferability of Raman spectroscopy to a wider range of applications with miniaturisation of instruments [21].



Portable and handheld devices are considered as potential game-changers for field or bedside analysis, providing the performance of highly specified laboratory instruments without the requirement for a dedicated analytical space with bulky and expensive equipment. Recent publications report a number of applications for food industry [22,23], forensic science [24], archaeological science [25], raw material identification [26] and counterfeit analysis for pharmaceuticals [27,28,29,30]. The quality of the data and the reproducibility of analysis open perspectives for accurate quantitative analysis, as demonstrated for antineoplastic solutions directly in glass vials [31] or in plastic bags [32], and active pharmaceutical ingredients directly in tablets [33] or in glass vials [34]. The new generation of commercial portable Raman devices represents a potentially easy and convenient analytical solution for day-to-day analysis in laboratories and industrial production line environments. However, it is important to demonstrate their performance for high accuracy analytical applications.



The industrial transition to green and sustainable production processes has led to intensive research into alternatives to organic solvent-based processing. In this context, Natural Deep Eutectic Solvents (NADES) have attracted the interest of researchers from a diverse range of different analytical and applications fields [35], biotechnology [36], energy [37], water remediation [38], food industry [39], cosmetics and pharmaceutics [40,41], etc. NADES are solvents of great interest in chemistry, due to their unique solvent properties, including high extraction ability for some natural products and high solubilisation strength of a wide range of organic and inorganic compounds [35,42,43,44]. NADES are simply prepared, cost effective, eco-friendly green solvents outcompeting existing organic solvents [45], in addition to being renewable and biodegradable [43] and easily tunable [46]. NADES applications have been reported for extraction of phenolic compounds for cosmetic, pharmaceutical and food industries [47,48,49,50], but they are also evaluated in a broad range of fields including analytical chemistry [35], organic synthesis [51], biotechnologies [52], electrochemistry [53], or nanotechnology [54,55,56]. NADES are viscous solvents [46], which is considered a major barrier in analytical chemistry applications [46,57,58,59]. Although the constituent compounds of NADES are often hygroscopic by nature, and hence, upon preparation samples contain an initial water content < 1% w/w, the controlled addition of water can be employed to systematically, for example, decrease the viscosity and improve solvation and mass transfer operations, therefore ensuring maximum efficiency during extraction [57,58,59,60]. Depending on the type of NADES, water molar concentration ratio is critical for certain applications, such as enzyme reactions, and dissolution of compounds which are major uses in cosmetics and pharmaceutical areas [46,58]. Moreover, the polarity of the NADES increases with water content and it strongly affects the solubilisation capacity of the NADES, depending on the nature of solutes [46]. Increased water content can weaken the interactions between the NADES and the target compounds, as well as the interactions between the components of the NADES, until complete disruption occurs [59]. The control of water content and the stability of NADES-formulated products remains one major bottleneck to an extensive industrial use of NADES [43,46,58]. Quantification of water content is therefore essential to ensure the reproducibility of experiments, especially after a storage period, because NADES tend to accumulate water from the ambient air, added for a specific application for optimal use, or from the biomass (plants, algae) during extraction [43,46,58].



Karel Fisher (KF) is the gold standard for quantification of residual water with numerous examples in organic solvents [61], plant extracts [62] or in food [63,64]. Despite the sensitivity of the method, the large volumes of reagent and solvent consumed for titration (especially for high water content) and the time requirements for analysis of large sample cohorts [65] motivate the development of alternatives. The gravimetric method is the simplest, solvent-free, cost-effective technique, which measures the weight loss in sample due to water evaporation after drying under heating. However, a lack of repeatability in results is observed due to thermal decomposition of sample or for volatile samples [65]. Hydrogen Nuclear Magnetic Resonance (NMR), Near Infrared spectroscopy (NIR) and Fourier Transformed Infrared Spectroscopy (FTIR) have demonstrated potential for water quantification [66,67,68,69,70]. Recently, Elderderi et al. [71,72] have reported studies highlighting the application of Attenuated Total Reflectance Infrared spectroscopy (ATR-IR) and Raman confocal microscopy, coupled to Partial Least Squares Regressions (PLSR), to estimate systematic variations in water concentration added to 3 NADES Betaine Glycerol (BG), Choline Chloride Glycerol (CCG) and Glucose glycerol (GG). However, all current methods suffer the same limitation, i.e., a fraction of the samples has to be withdrawn for analysis. Therefore, the present study aims to demonstrate how portable Raman instruments could be used for rapid determination of added water content in NADES samples in situ, i.e., directly in glassware, providing an accessible solvent, consumable free and cost-effective analytical tool for high throughput analysis. A standard addition protocol has been used to prepare a range of samples with controlled added concentration of water corresponding to industrial use for extraction purpose. The results are directly compared with previously published studies to evaluate the performances of the portable device tested against a research grade Raman microscope.




2. Materials and Methods


2.1. Reagents


Anhydrous betaine (Acros OrganicsTM, 98%, Geel, Belgium), choline chloride (Acros Organics TM, 99%, Geel, Belgium), and α-d-(+)-glucose (Acros Organics TM, >99% Geel, Belgium) and Glycerol (Fisher BioReagents™, >99%, Fisher Scientific, Illkirch, France) were purchased from Fisher Scientific SAS (Illkirch, France). Water was purified using a Milli-Q system (Millipore Corporation, Bedford, MA, USA).




2.2. Preparation of Natural Deep Eutectic Solvents (NADES)


NADES are a eutectic mixture of two or more compounds composed of a hydrogen bond acceptor (HBA) and a hydrogen bonding donor (HBD). In this study, three different hydrogen bond acceptors (choline chloride, betaine, and glucose) have been used with the same hydrogen bond donor (i.e., glycerol), in a molar ratio of 1:2, 1:8, and 1:3 for CCG, BG and GG NADES systems studied respectively. NADES were prepared using a heating method [58] by stirring the two components (HBA and HBD) and heating the sample at 50 °C for CCG and BG and 80 °C for GG until a homogeneous colourless phase was formed [58]. The compounds used are hygroscopic by nature, and hence, upon preparation, samples contain an initial water content of <1% w/w. For the purpose of the study, the same stock for pure compounds were used, and all samples were prepared and analysed in short period of time to ensure the initial water content was consistent. Nine samples with systematically varied added water concentrations have been prepared for each NADES studied, using the standard addition protocol. During the preparation, known amounts of water were added to the mixture to yield a set of 9 samples, ranging from 0% to ~28.5% w/w added water concentration. Samples prepared for Raman analysis are listed in Table 1. All samples were prepared by weighing with an analytical balance of precision of 0.1 mg. For each concentration, a total mass of 5g of NADES was prepared, resulting in errors in references concentration provided in Table 1 in the order of 0.002%. For each sample, 3 sets were prepared. Spectral data collected from SET_01 and SET_02 are used as the training sets (calibration/validation) of the quantitative model, while SET_03 is used solely as an independent test, i.e., unknown samples (see Section 2.3.2).




2.3. Data Collection and Data Handling


2.3.1. Data Collection


Raman spectra were collected using a portable Raman, Enspectr R532® (EnSpectr, UK) instrument, of dimensions 222 × 145 × 55 mm and weight 1.5 kg. It is equipped with a 30 mW 532 nm laser source, the intensity of which was set to 15 mW at the sample to avoid photo damage. For the purpose of the study, the portable device was used with the sample holder provided by the manufacturer and designed for glass vials, enabling analysis of liquids. Presently, 2 mL of NADES were placed in transparent glass vials (Interchim, Montluçon, France). Spectra were collected over the range 160 to 4000 cm−1 with a spectral resolution of ~4–6 cm−1 (1800 lines/mm grating). Two accumulations of 10 s were acquired for each spectrum. For each NADES, 3 SETs of samples were independently prepared and analysed on different days. For each SET, the vial of a given concentration was positioned in the holder and 5 spectra were collected in a row, to assess the repeatability of measurements. Then, the sample was removed, and another concentration was tested. All concentrations of a given SET were analysed in a randomised fashion to avoid bias in interpretation. Once all vials were analysed, the entire operation was repeated 2 more times. Ultimately, all vials were analysed 3 times, resulting in 135 spectra per SET, 400 spectra per NADES and 1200 spectra for the whole study.




2.3.2. Data Handling


Raman spectra were pre-processed and analysed using MATLAB® (The Mathworks, Natick, MA, USA). Data were subjected to a Rubber band baseline correction followed by vector normalisation (RB-VN). Although the rubber band is an algorithm than can calculate a polynomial baseline to be subtracted from data [73,74], presently, the method was applied with a polynomial order set to 1, to avoid overcorrection of spectra [75]. The vector normalisation was applied, calculating the ratio of spectra to their respective Euclidian norms [2]. Pre-processed spectra were analysed with Partial Least Squares Regression (PLSR). PLSR is a widely used method to extract quantitative information from spectral data sets [76]. The multivariate method is applied simultaneously to the full spectral range, enabling identification of the relevant variables (wavenumbers) reflecting modifications in bands positions, intensities and shapes correlated with the systematic variation of water added to the NADES. PLSR is particularly powerful to construct linear models from spectra collected from mixtures displaying numerous partially overlapping peaks. The quality of the results and the reliability of the model were assessed using the Root Mean Square Error Cross Validation (RMSECV), the Root Mean Square Error Prediction (RMSEP), the linearity between the experimental and predicted concentrations (R2) and accuracy in predicted concentrations (relative error of the predictive concentration compared to the true value, expressed as %). For each NADES system analysed, 3 sets of samples have been prepared: SET_01 (n = 9), SET_02 (n = 9) and SET_03 (n = 9). SET_01 and SET_02 have been used as the training set and subdivided into the calibration set (2/3 of data) and validation set (remaining 1/3 of data) using a leave K-Out Cross Validation (LOKCV) approach. The combination being multiple, a 100-fold iterative protocol was applied to provide an overall estimation of the reliability of the calibration model (RMSECV and R2). Then, SET_03 was used in the predictive models as independent samples, i.e., previously unknown to the PLSR model, to be determined. As described in Section 2.2, the samples in SET_03 are also prepared by weighing and hence their concentration is known; these values are not used during the training of PLSR model, but rather at the later stage to assess the performance of the model based on the RMSEP and the accuracy of the prediction concentration expressed by the % relative error compared to the target (true) concentration. In this study, predicted concentrations, RMSECV and RMSEP are expressed as added % w/w water concentration






3. Results and Discussion


3.1. Characterisation of Spectral Variability in NADES


	(a) 

	
Analysis through Glass







Figure 1A,B illustrates the experimental setup used to collect Raman spectra from NADES in glass vials. Although the Raman system can be handheld, for comparison to the system performance with the Raman grade instrument, the instrument was set on the benchtop, and the glass sample vial is placed into the sample holder. The 532 nm laser was focused inside the solution through the glass. Figure 1C presents a spectrum collected with the portable system from deionised water placed in one of the vials used for this study. H2O exhibits a weak feature at ~1649 cm−1 (scissoring bending) and broadband with two maxima at 3232 and 3428 cm−1, assigned to OH symmetric and asymmetric stretching modes of water molecules. Figure 1D shows a typical glass spectrum with 2 robust characteristic features observed at 564 and 1098 cm−1 [77,78]. These are absent in the spectrum of water recorded inside the vial, and therefore the solution inside the vials can be analysed without any contribution from glass features, thanks to the 75 mm focal length of the device, enabling focusing of the laser inside the solution.



	(b) 

	
Choline Chloride Glycerol (CCG) NADES







Figure 2 presents the Raman spectra collected from CCG/water samples. For clarity, only the datasets with added water concentrations of 0%, 9.1%, 16.68%, 23.08% and 28.56% w/w are shown. There is an inverse correlation between added concentration of water and concentrations of other NADES compounds. Therefore, choline chloride and glycerol bands intensities in the fingerprint (300–1500 cm−1) and high wavenumbers (2600–3050 cm−1) regions tend to decrease gradually as the water concentration increases. While the OH scissoring bending band from water at ~1649 cm−1 appears weak compared to the other bands assigned to NADES compounds, changes in the OH symmetric and asymmetric stretching modes in the 3050–3700 cm−1 region are more easily observed, thanks to their stronger intensity.



The fingerprint region exhibits numerous, sharper features. For CCG, a mixed spectral signature originating from glycerol and choline chloride is observed (Figure 2). Assignments were based on literature [79,80], while bands positions were confirmed from spectra collected from the pure compounds (data not shown). The bands at 415 cm−1, 478 cm−1 (CCO rocking), 670 cm−1 (CCC deformation), 815 cm−1 (CC stretching), 845 cm−1 (CC stretching), 917 cm−1 (CH2 rocking) and 1106 cm−1 (CO stretching) are assigned to glycerol [80]. The bands at 370 cm−1 (N(CH3)4 bending), 447 cm−1 (N(CH3)4 bending), 711 cm−1 (CH2 in-plane rocking and N–C symmetrical stretching), 762 cm−1 (CH2 in-plane rocking), 950 cm−1 (N–C asymmetric stretching), 1132 cm−1 (CH2 out of plane bending), 1268 cm−1 (CH2 out of plane bending, N–C asymmetric stretching) and 1337 cm−1 (CH2 out of plane bending) are assigned to choline chloride [79]. The bands at 1050 and 1450 cm−1 result from mixed features contribution from glycerol at 1055 cm−1 (CO stretching) and 1464 cm−1 (CH2 deformation) [80] and choline chloride at 1052 cm−1 (C–C stretching) and 1448 cm−1 (CH2 scissors and CH3 deformation vibrations) respectively [79].



The high wavenumber region (2500–3750 cm−1) provides information on vibrations from single bonds from light elements, presently C–H and O–H. The weak band at 2746 cm−1 (C–H stretching) is assigned to glycerol [80]. The band appearing as a shoulder in spectra at 2834 cm−1 (CHO stretching) from choline chloride [79]. The band at 2888 cm−1 (symmetric C–H stretching from CH2) is mainly due to glycerol contribution [80]. The band at 2936 cm−1 results from combined contribution of the feature at 2947 cm−1 (antisymmetric C–H stretching from CH2) and the feature at 2936 cm−1 (CH2O stretching) respectively observed in the pure spectra of glycerol and choline chloride (data not shown) [79,80]. The bands at 2973 cm−1 (C–H symmetric stretching) and at 3031 cm−1 (CH3 symmetric stretching, CH2 symmetric stretching) are specifically assigned to choline chloride [79]. In the range 3010–3650 cm−1, a substantial change in the absorption profile is witnessed in the presence of H2O in NADES samples, including a broadening of the band and the emergence of a shoulder between 3200–3400 cm−1. The broad band is derived from the combined contributions from symmetric and antisymmetric OH vibrations originating from glycerol, choline chloride and water. While the spectrum of the 0% added water sample displays a single symmetric band at 3387 cm−1, attributed to combined glycerol and choline O–H stretching vibrational modes [79], increasing the added water concentration leads to modifications in both its intensity and shape. The two features at ≈3200 and 3430 cm−1 attributed to the OH stretching of water (see Figure 1C), have increased intensities while the relative contributions from choline and glycerol decrease. The inversion for the peak corresponding to CH2 vibrational mode of glycerol (~2936 cm−1) indicates that the interspecies H-bonding with water primarily involves glycerol-OH, as opposed to choline-OH [81].



	(c) 

	
Betaine Glycerol (BG) NADES







Figure 3 shows the spectra of BG samples with 0%, 9.085%, 16.655%, 23.075% and 28.56% added water concentrations, as for the CCG system the opposite correlation between water and betaine-glycerol bands is observed. BG spectra are dominated with glycerol features with the most specific spectral ranges 400–500 cm−1, 800–900 cm−1 and 1000–1100 cm−1.



Contributions from betaine can be observed at 370 cm−1 (C-N (CH3) symmetric deformation) [57,82], 536 cm−1 (C=O bending), 774 cm−1 (C–N (CH3) symmetric stretch), 952 cm−1 (C–N (CH3) asymmetric stretch) [83], 1209 cm−1 (CO vibration), 1325 cm−1 (CCO–symmetric vibration) and 1395 cm−1 (CH3 scissoring bending) [83]. The band at 1460 cm−1 results from overlapping features of betaine at 1453 cm−1 (asymmetric stretching CH3) [83] and of glycerol at 1464 cm−1. In the high wavenumber region, similarly to CCG, the weak band at 2746 cm−1 and the 2 bands at 2888 and 2942 cm−1 are assigned to glycerol. The contributions from betaine are a shoulder at 2977 cm−1 (symmetric CH2 stretching) and the specific feature at 3035 cm−1 (asymmetric CH3 stretching) [83].



	(d) 

	
Glucose Glycerol (GG) NADES







Similarly, spectra of GG NADES samples with 0%, 9.094%, 16.67%, 23.079% and 28.57% added water concentration are shown in Figure 4. Again, the spectra are largely dominated by glycerol features. Contributions from glucose can be observed at 512 cm−1 (bending vibration CCO, C=O), 1111 cm−1 (CO stretching, CC stretching) and 1367 cm−1 (O-CH2 wagging) [80,84].



In the high wavenumbers region, although the pure spectrum of glucose displays two peaks, at 2901 cm−1 (C–H stretching) and 2953 cm−1 (C–H stretching of CH2) (data not shown) [84], these features are completely overlapped by the strong signature of glycerol.




3.2. Quantification of Spectral Variability in NADES (Training Sets)


In the fingerprint region, features of the NADES clearly dominate, while the water band is at best weakly observed. However, it appears that changes in the NADES compound concentrations by addition of water result in significant variations in band intensities. In the high wavenumber region, the presence of a broad band corresponding to OH symmetric and asymmetric stretching modes of water molecules with two maxima at 3232 cm−1 and 3428 cm−1 (Figure 2) suggests that the added water content could be more specifically followed in this spectral range. PLSR has been applied over the 300–3750 cm−1 spectral range to take into account both patterns observed in the construction of quantitative models. Figure 5 provides the regression plots obtained from the validation sets and Table 2 summarises the RMSECV (% w/w), R2 and number of latent variables used. For the 3 NADES, the R2 is above 0.99, while the RMSECV varies from 0.2728% w/w for CCG to 0.8157% w/w for GG. Overall, the results suggest a good linearity between the observed concentrations (reference added water concentrations) and the predicted added concentrations (estimated from Raman spectra).



Regression coefficients highlight the positive contribution of water bands in the high wavenumber region for CCG, BG and GG NADES systems (Figure 6). This confirms that PLSR analysis uses changes in shapes (width, maximum intensity) occurring in the broad OH band due to the increase in added water concentration (see Section 3.1a) to construct the regression model. Spectral features from glycerol choline chloride, betaine and glucose contribute negatively to the regression coefficients. The intensities of these bands are also influenced systematically by the added water concentration, and therefore they play a key role in the construction of the quantitative model.




3.3. Estimating Added Water Concentration in Independent Samples (Test Sets)


For each NADES, a third set of 9 samples (SET_03), prepared and analysed independently, has been used as test samples in the PLSR models. The RMSEP value for CCG, BG and GG are 0.6805%, 0.9859% and 1.2907% w/w, respectively (Table 3). Similar to the training sets, the NADES GG display the lowest accuracy. To appreciate the outcome of the PLSR analysis, the mean estimated concentrations are gathered in Table 4. For each sample, the relative error % between the true concentration (prepared by weighing) and the predicted concentrations (estimated from spectra) is used to evaluate the accuracy of the models. Water concentrations in SET_03 are determined independently as unknown samples in the PLSR models. Overall, no aberrant values are observed, i.e., high unexplained random or systematic errors in predicted concentrations. This indicates that there is no interferences in results originating from poor reproducibility in data collection trough glass or in the standard addition protocol used to prepare samples.



For CCG, all unknown samples are determined with less than 5% relative error. For BG, relative errors are below 5% except for sample 2 with 34.039% corresponding to a predicted added water concentration of 6.375% w/w, instead of 4.756% w/w. It is a difference of 1.619% w/w compared to the true concentration. For GG, three samples gave relative errors above 5%, sample 2 (34.511%), sample 4 (13.055%) and sample 5 (6.191%) corresponding respectively to predicted concentrations of 6.409%, 11.345% and 15.639% w/w instead of the true concentrations 4.765%, 13.048% and 16.672% w/w. These are differences of 1.644% w/w, 1.703% w/w and 1.033% w/w compared to prepared added water concentrations. It is observed that the two highest relative errors are found for, respectively, sample 2 of both BG and GG NADES, with added water concentrations ≈ 4.7% w/w, the second lowest added water concentration in the range analysed, which extends up to ≈ 28.5% w/w. The observed errors can reflect a lack of sensitivity of portable Raman spectroscopy for NADES samples containing small amounts of water. For GG samples, the R2 = 0.9873 obtained with the test set (Table 3) suggests a slight reduction of linearity in the predictive model, which is confirmed by the RMSEP = 1.2907% w/w (Table 3) and the PLS regression model in Figure 5C.




3.4. General Discussion


The reported results clearly demonstrate the possibility to perform Raman analysis in situ without contribution from the glass (Figure 1, Figure 2, Figure 3 and Figure 4). In the literature, correction methods have been explored to remove the interference from substrates like glass in spectra [77,85]. However, avoiding undesirable contribution from the vial itself at the stage of data collection significantly simplifies subsequent preprocessing and data analysis steps. Presently, it is demonstrated that the spectral resolution ~4–6 cm−1 delivered by the portable system tested is perfectly suited to record Raman spectra encompassing enough information about the NADES composition to construct accurate quantitative models by means of PLSR. In terms of performances, the results can be compared to a recent study by Elderderi et al., reporting water quantification in NADES using a confocal Raman spectrometer, implying sample withdrawal and analysis using a quartz cuvette [72]. The RMSEP values with the Raman microscope were respectively 0.4715%, 0.3437% and 0.7409% w/w for CCG, BG and GG compared to 0.6805%, 0.9859% and 1.2907% w/w, presently obtained with the portable Raman directly into glass vials. While direct comparison of the results is to be done with caution, due to the use of different laser wavelength in the 2 studies, it is observed that in situ analysis in glass vials leads to an increase in RMSEP. Nevertheless, the relative errors calculated from the samples analysed as unknown (test sets) highlight that the portable Raman, similarly to the Raman microscope, enables estimation of the added water concentration in NADES below 5% error for most of samples. The main difference lies in samples n°2 of BG and GG with respectively 34.039% and 34.511% relative errors. For these 2 samples, the true concentrations (prepared by weighting) were respectively 4.756% and 4.765% w/w while the predicted concentrations are 6.375% and 6.409% w/w, an error of ~1.6% w/w added water concentration. There are no official guidelines specifying the threshold for acceptable errors in water quantification in NADES. However, one can consider that it would be system and application dependent. For instance, CCG, BG and GG NADES are commonly used with water content between 15% and 25% w/w for extraction purposes (presently corresponding to samples 5–7) [46]. Therefore, errors of roughly 1–2% w/w in the estimated added water concentrations for samples containing less than 5% w/w water using portable Raman analysis may not be relevant.



Portable Raman devices have great potential to enable rapid and withdrawal free monitoring of water in NADES. Performing the analysis directly in glassware can significantly accelerate the workflow and support high throughput monitoring, while there is no requirement for consumables. Multivariate approaches like PLSR are increasingly included in manufacturer software for automated data preprocessing and analysis, making the technique accessible. While no official guidelines and acceptance criteria are clearly established for water quantification in NADES, the repeatability and reproducibility of measurements achieved in situ are highly encouraging. Moreover, Raman spectroscopy is not only a rapid and reliable tool, as it also provides label free and solvent free analysis and the possibility to foresee protocols free of single use consumables to reduce waste to a minimum. Considering the high demands in green chemistry and for eco-friendly solvents, Raman spectroscopy has a key role to play to provide an analytical technique in harmony with the overall concept.





4. Conclusions


Portable Raman devices represents an easy and convenient analytical solution for in situ analysis in laboratories. It is a suitable technique for solutions analysis without any sample preparation, but more importantly non-invasively directly in glassware. In the current study, rapid and accurate quantification of added water was achieved in unknown samples for choline chloride glycerol, betaine glycerol and glucose glycerol NADES with RMSEP of 0.6805%, 0.9859% and 1.2907% w/w in added water concentrations.



Moreover, mean relative errors in predicted added water concentrations of 2.686%, 6.6115% and 8.10763% w/w were achieved, further supporting the technique reliability. Nowadays, NADES are described as green solvents in chemistry for plant extraction, which demands suitable analytical tools for efficient implementation and maximised economical and health benefits. This study highlights the potential of portable Raman spectroscopy to support the establishment of green chemistry protocols in the cosmetic and pharmaceutical fields, helping to optimise processes of extraction and purification of active molecules.







Author Contributions


Conceptualization, L.B.-D. and F.B.; Data Curation, S.E., L.W. and C.L.-L.; Funding Acquisition, E.M. and L.B.-D.; Investigation, F.B.; Methodology, H.J.B. and F.B.; Resources, I.C., C.E.-G., E.M. and L.B.-D.; Supervision, A.A.E. and F.B.; Writing—Original Draft, S.E., H.J.B. and F.B.; Writing—Review and Editing, H.J.B., L.B.-D. and F.B. All authors have read and agreed to the published version of the manuscript.




Funding


Agence Nationale de la Recherche DERMIC Project ANR-19-CE43-0001-01; Ambition Recherche et Développement Centre Val de Loire (PIERIC project, ARD CVL 2020-00141275; Conseil Régional Centre Val de Loire (L. Wils, PhD grant); Ministry of Higher Education and University of Gezira, Sudan, the French embassy in Sudan and Campus France (S. Elderderi, PhD Grant).




Institutional Review Board Statement


Not applicable.




Informed Consent Statement


Not applicable.




Data Availability Statement


The data presented in this study are available on request from the corresponding author.




Acknowledgments


This work received financial support from the French National Research Agency (DERMIC Project ANR-19-CE43-0001-01) and the Ambition Recherche et Développement Centre Val de Loire (PIERIC project, ARD CVL 2020-00141275). Suha Elderderi thanks the Ministry of Higher Education and University of Gezira, Sudan, the French embassy in Sudan and Campus France and Laura Wils thanks the Région Centre-Val de Loire for their respective PhD grants. We thank Quantum Design, distributor of high-performance scientific instrumentation in the fields of engineering and research, for the loan of the Portable Raman Spectrometer Enspectr-R532 used to obtain results presented in this article.




Conflicts of Interest


The authors declare no conflict of interest.




Sample Availability


Samples of the compounds are not available from the authors.




References


	



Haefele, T.F.; Paulus, K. Confocal Raman microscopy in pharmaceutical development. In Confocal Raman Microscopy; Dieing, T., Hollricher, O., Toporski, J., Eds.; Springer Series in Optical Sciences; Springer: Berlin/Heidelberg, Germany, 2011; pp. 165–202. ISBN 978-3-642-12522-5. [Google Scholar]

	



Butler, H.; Ashton, L.; Bird, B.; Cinque, G.; Curtis, K.; Dorney, J.; Esmonde-White, K.; Fullwood, N.J.; Gardner, B.; Martin-Hirsch, P.L.; et al. Using Raman spectroscopy to characterize biological materials. Nat. Protoc. 2016, 11, 664–687. [Google Scholar] [CrossRef]

	



Paudel, A.; Raijada, D.; Rantanen, J. Raman spectroscopy in pharmaceutical product design. Adv. Drug Deliv. Rev. 2015, 89, 3–20. [Google Scholar] [CrossRef]

	



Nagy, B.; Farkas, A.; Borbás, E.; Vass, P.; Nagy, Z.K.; Marosi, G. Raman spectroscopy for process analytical technologies of pharmaceutical secondary manufacturing. AAPS PharmSciTech 2018, 20, 1. [Google Scholar] [CrossRef]

	



The Versatility of Portable Raman in Process Development. Available online: https://www.spectroscopyonline.com/view/versatility-portable-raman-process-development (accessed on 13 March 2021).

	



Simone, E.; Saleemi, A.; Nagy, Z. Application of quantitative Raman spectroscopy for the monitoring of polymorphic transformation in crystallization processes using a good calibration practice procedure. Chem. Eng. Res. Des. 2014, 92, 594–611. [Google Scholar] [CrossRef]

	



Cornel, J.; Lindenberg, C.; Mazzotti, M. Quantitative application of in situ atr-ftir and Raman spectroscopy in crystallization processes. Ind. Eng. Chem. Res. 2008, 47, 4870–4882. [Google Scholar] [CrossRef]

	



Nims, C.; Cron, B.; Wetherington, M.; Macalady, J.; Cosmidis, J. Low frequency Raman Spectroscopy for micron-scale and in vivo characterization of elemental sulfur in microbial samples. Sci. Rep. 2019, 9, 7971. [Google Scholar] [CrossRef]

	



Gierlinger, N. Revealing changes in molecular composition of plant cell walls on the micron-level by Raman mapping and vertex component analysis (VCA). Front. Plant. Sci. 2014, 5, 306. [Google Scholar] [CrossRef]

	



Auner, G.W.; Koya, S.K.; Huang, C.; Broadbent, B.; Trexler, M.; Auner, Z.; Elias, A.; Mehne, K.C.; Brusatori, M.A. Applications of Raman spectroscopy in cancer diagnosis. Cancer Metastasis Rev. 2018, 37, 691–717. [Google Scholar] [CrossRef] [PubMed]

	



Huser, T.; Chan, J. Raman spectroscopy for physiological investigations of tissues and cells. Adv. Drug Deliv. Rev. 2015, 89, 57–70. [Google Scholar] [CrossRef] [PubMed]

	



Mansour, H.M.; Hickey, A.J. Raman characterization and chemical imaging of biocolloidal self-assemblies, drug delivery systems, and pulmonary inhalation aerosols: A review. AAPS PharmSciTech 2007, 8, 140–155. [Google Scholar] [CrossRef] [PubMed]

	



Vlasov, A.V.; Maliar, N.L.; Bazhenov, S.V.; Nikelshparg, E.I.; Brazhe, N.A.; Vlasova, A.D.; Osipov, S.D.; Sudarev, V.V.; Ryzhykau, Y.L.; Bogorodskiy, A.O.; et al. Raman Scattering: From Structural Biology to Medical Applications. Crystals 2020, 10, 38. [Google Scholar] [CrossRef]

	



Stella, A.; Bonnier, F.; Tfayli, A.; Yvergnaux, F.; Byrne, H.J.; Chourpa, I.; Munnier, E.; Tauber, C. Raman mapping coupled to self-modelling MCR-ALS analysis to estimate active cosmetic ingredient penetration profile in skin. J. Biophotonics 2020, 13, 202000136. [Google Scholar] [CrossRef]

	



Wang, H.; Li, J.; Qin, J.; Li, J.; Chen, Y.; Song, D.; Zeng, H.; Wang, S. Confocal Raman microspectral analysis and imaging of the drug response of osteosarcoma to cisplatin. Anal. Methods 2021, 13, 2527–2536. [Google Scholar] [CrossRef] [PubMed]

	



Bloomfield, M.; Andrews, D.; Loeffen, P.; Tombling, C.; York, T.; Matousek, P. Non-invasive identification of incoming raw pharmaceutical materials using Spatially Offset Raman Spectroscopy. J. Pharm. Biomed. Anal. 2013, 76, 65–69. [Google Scholar] [CrossRef] [PubMed]

	



McCreery, R.; Horn, A.J.; Spencer, J.; Jefferson, E. Noninvasive identification of materials inside USP vials with Raman spectroscopy and a raman spectral library. J. Pharm. Sci. 1998, 87, 1–8. [Google Scholar] [CrossRef] [PubMed]

	



Ricci, C.; Eliasson, C.; MacLeod, N.A.; Newton, P.; Matousek, P.; Kazarian, S.G. Characterization of genuine and fake artesunate anti-malarial tablets using Fourier transform infrared imaging and spatially offset Raman spectroscopy through blister packs. Anal. Bioanal. Chem. 2007, 389, 1525–1532. [Google Scholar] [CrossRef]

	



Lê, L.M.M.; Berge, M.; Tfayli, A.; Zhou, J.; Prognon, P.; Baillet-Guffroy, A.; Caudron, E. Rapid discrimination and quantification analysis of five antineoplastic drugs in aqueous solutions using Raman spectroscopy. Eur. J. Pharm. Sci. 2018, 111, 158–166. [Google Scholar] [CrossRef]

	



Makki, A.A.; Elderderi, S.; Massot, V.; Respaud, R.; Byrne, H.; Tauber, C.; Bertrand, D.; Mohammed, E.; Chourpa, I.; Bonnier, F. In situ analytical quality control of chemotherapeutic solutions in infusion bags by Raman spectroscopy. Talanta 2021, 228, 122137. [Google Scholar] [CrossRef]

	



Hargreaves, M.D.; Page, K.; Munshi, T.; Tomsett, R.; Lynch, G.; Edwards, H.G.M. Analysis of seized drugs using portable Raman spectroscopy in an airport environment-a proof of principle study. J. Raman Spectrosc. 2008, 39, 873–880. [Google Scholar] [CrossRef]

	



Beganović, A.; Hawthorne, L.M.; Bach, K.; Huck, C.W. Critical review on the utilization of handheld and portable Raman Spectrometry in meat science. Foods 2019, 8, 49. [Google Scholar] [CrossRef]

	



Taylan, O.; Cebi, N.; Yilmaz, M.T.; Sagdic, O.; Bakhsh, A.A. Detection of lard in butter using Raman spectroscopy combined with chemometrics. Food Chem. 2020, 332, 127344. [Google Scholar] [CrossRef] [PubMed]

	



Izake, E.L. Forensic and homeland security applications of modern portable Raman spectroscopy. Forensic Sci. Int. 2010, 202, 1–8. [Google Scholar] [CrossRef]

	



Pestle, W.J.; Brennan, V.; Sierra, R.L.; Smith, E.K.; Vesper, B.J.; Cordell, G.A.; Colvard, M.D. Hand-held Raman spectroscopy as a pre-screening tool for archaeological bone. J. Archaeol. Sci. 2015, 58, 113–120. [Google Scholar] [CrossRef]

	



Deidda, R.; Sacré, P.-Y.; Clavaud, M.; Coïc, L.; Avohou, H.; Hubert, P.; Ziemons, E. Vibrational spectroscopy in analysis of pharmaceuticals: Critical review of innovative portable and handheld NIR and Raman spectrophotometers. TrAC Trends Anal. Chem. 2019, 114, 251–259. [Google Scholar] [CrossRef]

	



Dégardin, K.; Guillemain, A.; Roggo, Y. Comprehensive study of a handheld Raman spectrometer for the analysis of counterfeits of solid-dosage form medicines. J. Spectrosc. 2017, 2017, 3154035. [Google Scholar] [CrossRef]

	



Ciza, P.; Sacre, P.-Y.; Waffo, C.; Coic, L.; Avohou, H.; Mbinze, J.; Ngono, R.; Marini, R.; Hubert, P.; Ziemons, E. Comparing the qualitative performances of handheld NIR and Raman spectrophotometers for the detection of falsified pharmaceutical products. Talanta 2019, 202, 469–478. [Google Scholar] [CrossRef] [PubMed]

	



Hajjou, M.; Qin, Y.; Bradby, S.; Bempong, D.; Lukulay, P. Assessment of the performance of a handheld Raman device for potential use as a screening tool in evaluating medicines quality. J. Pharm. Biomed. Anal. 2013, 74, 47–55. [Google Scholar] [CrossRef]

	



Tondepu, C.; Toth, R.; Navin, C.V.; Lawson, L.S.; Rodriguez, J.D. Screening of unapproved drugs using portable Raman spectroscopy. Anal. Chim. Acta 2017, 973, 75–81. [Google Scholar] [CrossRef]

	



Lê, L.; Berge, M.; Tfayli, A.; Prognon, P.; Caudron, E. Discriminative and quantitative analysis of antineoplastic taxane drugs using a handheld Raman spectrometer. BioMed Res. Int. 2018, 2018, 8746729. [Google Scholar] [CrossRef]

	



Lê, L.; Berge, M.; Tfayli, A.; Guffroy, A.B.; Prognon, P.; Dowek, A.; Caudron, E. Quantification of gemcitabine intravenous drugs by direct measurement in chemotherapy plastic bags using a handheld Raman spectrometer. Talanta 2019, 196, 376–380. [Google Scholar] [CrossRef]

	



Coic, L.; Sacré, P.-Y.; Dispas, A.; Dumont, E.; Horne, J.; De Bleye, C.; Fillet, M.; Hubert, P.; Ziemons, E. Evaluation of the analytical performances of two Raman handheld spectrophotometers for pharmaceutical solid dosage form quantitation. Talanta 2020, 214, 120888. [Google Scholar] [CrossRef]

	



Mansouri, M.A.; Sacré, P.-Y.; Coic, L.; De Bleye, C.; Dumont, E.; Bouklouze, A.; Hubert, P.; Marini, R.; Ziemons, E. Quantitation of active pharmaceutical ingredient through the packaging using Raman handheld spectrophotometers: A comparison study. Talanta 2020, 207, 120306. [Google Scholar] [CrossRef] [PubMed]

	



De los ÁngelesFernández, M.; Boiteux, J.; Espino, M.; Gomez, F.J.V.; Silva, M.F. Natural deep eutectic solvents-mediated extractions: The way forward for sustainable analytical developments. Anal. Chim. Acta 2018, 1038, 1–10. [Google Scholar] [CrossRef]

	



Yang, Z. Natural Deep Eutectic Solvents and Their Applications in Biotechnology. Appl. Ion. Liq. Biotechnol. 2018, 168, 31–59. [Google Scholar] [CrossRef]

	



Atilhan, M.; Aparicio, S. Review and perspectives for effective solutions to grand challenges of energy and fuels technologies via novel deep eutectic solvents. Energy Fuels 2021, 35, 6402–6419. [Google Scholar] [CrossRef]

	



Chang, S.H. Utilization of green organic solvents in solvent extraction and liquid membrane for sustainable wastewater treatment and resource recovery—A review. Environ. Sci. Pollut. Res. 2020, 27, 32371–32388. [Google Scholar] [CrossRef] [PubMed]

	



Misan, A.; Nađpal, J.; Stupar, A.; Pojić, M.; Mandić, A.; Verpoorte, R.; Choi, Y.H. The perspectives of natural deep eutectic solvents in agri-food sector. Crit. Rev. Food Sci. Nutr. 2019, 60, 2564–2592. [Google Scholar] [CrossRef] [PubMed]

	



Benoit, C.; Virginie, C.; Boris, V. Chapter Twelve–The use of NADES to support innovation in the cosmetic industry. In Advances in Botanical Research; Verpoorte, R., Witkamp, G.-J., Choi, Y.H., Eds.; Eutectic Solvents and Stress in Plants; Academic Press: Cambridge, MA, USA, 2021; Volume 97, pp. 309–332. [Google Scholar]

	



Balakrishnan, I.; Jawahar, N.; Venkatachalam, S.; Datta, D. A brief review on eutectic mixture and its role in pharmaceutical field. Int. J. Res. Pharm. Sci. 2020, 11, 3017–3023. [Google Scholar] [CrossRef]

	



Choi, Y.H.; Verpoorte, R. Green solvents for the extraction of bioactive compounds from natural products using ionic liquids and deep eutectic solvents. Curr. Opin. Food Sci. 2019, 26, 87–93. [Google Scholar] [CrossRef]

	



Liu, Y.; Friesen, J.B.; McAlpine, J.B.; Lankin, D.C.; Chen, S.-N.; Pauli, G.F. Natural Deep Eutectic Solvents: Properties, Applications, and Perspectives. J. Nat. Prod. 2018, 81, 679–690. [Google Scholar] [CrossRef]

	



Socas-Rodríguez, B.; Santana-Mayor, Á.; Herrera-Herrera, A.V.; Rodríguez-Delgado, M.Á. Chapter 5–Deep eutectic sol-vents. In Green Sustainable Process for Chemical and Environmental Engineering and Science; Inamuddin, Asiri, A.M., Kanchi, S., Eds.; Elsevier: Amsterdam, The Netherlands, 2020; pp. 123–177. ISBN 978-0-12-817386-2. [Google Scholar]

	



Kumar, A.K.; Parikh, B.S.; Liu, L.Z.; A Cotta, M. Application of natural deep eutectic solvents in biomass pretreatment, enzymatic saccharification and cellulosic ethanol production. Mater. Today Proc. 2018, 5, 23057–23063. [Google Scholar] [CrossRef]

	



Dai, Y.; Witkamp, G.-J.; Verpoorte, R.; Choi, Y.H. Tailoring properties of natural deep eutectic solvents with water to facilitate their applications. Food Chem. 2015, 187, 14–19. [Google Scholar] [CrossRef]

	



Dai, Y.; Verpoorte, R.; Choi, Y.H. Natural deep eutectic solvents providing enhanced stability of natural colorants from safflower (Carthamus tinctorius). Food Chem. 2014, 159, 116–121. [Google Scholar] [CrossRef] [PubMed]

	



Radošević, K.; Ćurko, N.; Srček, V.G.; Bubalo, M.C.; Tomašević, M.; Ganić, K.K.; Redovniković, I.R. Natural deep eutectic solvents as beneficial extractants for enhancement of plant extracts bioactivity. LWT 2016, 73, 45–51. [Google Scholar] [CrossRef]

	



Wang, T.; Jiao, J.; Gai, Q.-Y.; Wang, P.; Guo, N.; Niu, L.-L.; Fu, Y.-J. Enhanced and green extraction polyphenols and furanocoumarins from Fig (Ficus carica L.) leaves using deep eutectic solvents. J. Pharm. Biomed. Anal. 2017, 145, 339–345. [Google Scholar] [CrossRef]

	



Paradiso, V.M.; Clemente, A.; Summo, C.; Pasqualone, A.; Caponio, F. Towards green analysis of virgin olive oil phenolic compounds: Extraction by a natural deep eutectic solvent and direct spectrophotometric detection. Food Chem. 2016, 212, 43–47. [Google Scholar] [CrossRef]

	



Delaye, P.-O.; Pénichon, M.; Boudesocque-Delaye, L.; Enguehard-Gueiffier, C.; Gueiffier, A. Natural deep eutectic solvents as sustainable solvents for Suzuki–Miyaura cross-coupling reactions applied to imidazo-fused heterocycles. SynOpen 2018, 2, 0306–0311. [Google Scholar] [CrossRef]

	



Mbous, Y.P.; Hayyan, M.; Hayyan, A.; Wong, W.F.; Hashim, M.A.; Looi, C.Y. Applications of deep eutectic solvents in biotechnology and bioengineering—Promises and challenges. Biotechnol. Adv. 2017, 35, 105–134. [Google Scholar] [CrossRef]

	



Bagh, F.S.G.; Shahbaz, K.; Mjalli, F.S.; Hashim, M.A.; AlNashef, I. Zinc (II) chloride-based deep eutectic solvents for application as electrolytes: Preparation and characterization. J. Mol. Liq. 2015, 204, 76–83. [Google Scholar] [CrossRef]

	



Abo-Hamad, A.; Hayyan, M.; AlSaadi, M.; Hashim, M.A. Potential applications of deep eutectic solvents in nanotechnology. Chem. Eng. J. 2015, 273, 551–567. [Google Scholar] [CrossRef]

	



Tohidi, M.; Mahyari, F.A.; Safavi, A. A seed-less method for synthesis of ultra-thin gold nanosheets by using a deep eutectic solvent and gum arabic and their electrocatalytic application. RSC Adv. 2015, 5, 32744–32754. [Google Scholar] [CrossRef]

	



Liao, H.-G.; Jiang, Y.-X.; Zhou, Z.-Y.; Chen, S.-P.; Sun, S.-G. Shape-controlled synthesis of gold nanoparticles in deep eutectic solvents for studies of structure-functionality relationships in electrocatalysis. Angew. Chem. Int. Ed. 2008, 47, 9100–9103. [Google Scholar] [CrossRef] [PubMed]

	



Choi, Y.H.; van Spronsen, J.; Dai, Y.; Verberne, M.; Hollmann, F.; Arends, I.; Witkamp, G.-J.; Verpoorte, R. Are natural deep eutectic solvents the missing link in understanding cellular metabolism and physiology? Plant Physiol. 2011, 156, 1701–1705. [Google Scholar] [CrossRef]

	



Dai, Y.; van Spronsen, J.; Witkamp, G.-J.; Verpoorte, R.; Choi, Y.H. Natural deep eutectic solvents as new potential media for green technology. Anal. Chim. Acta 2013, 766, 61–68. [Google Scholar] [CrossRef] [PubMed]

	



Vilková, M.; Płotka-Wasylka, J.; Andruch, V. The role of water in deep eutectic solvent-base extraction. J. Mol. Liq. 2020, 304, 112747. [Google Scholar] [CrossRef]

	



Dugoni, G.C.; Mezzetta, A.; Guazzelli, L.; Chiappe, C.; Ferro, M.; Mele, A. Purification of Kraft Cellulose under Mild Conditions Using Choline Acetate Based Deep Eutectic Solvents. Green Chem. 2020, 22, 8680–8691. [Google Scholar] [CrossRef]

	



Dantan, N.; Frenzel, W.; Küppers, S. Determination of water traces in various organic solvents using Karl Fischer method under FIA conditions. Talanta 2000, 52, 101–109. [Google Scholar] [CrossRef]

	



Ronkart, S.N.; Paquot, M.; Fougnies, C.; Deroanne, C.; Van Herck, J.-C.; Blecker, C. Determination of total water content in inulin using the volumetric Karl Fischer titration. Talanta 2006, 70, 1006–1010. [Google Scholar] [CrossRef] [PubMed]

	



De Caro, C.A.; Aichert, A.; Walter, C.M. Efficient, precise and fast water determination by the Karl Fischer titration. Food Control. 2001, 12, 431–436. [Google Scholar] [CrossRef]

	



Sánchez, V.; Baeza, R.; Ciappini, C.; Zamora, M.; Chirife, J. Comparison between Karl Fischer and refractometric method for determination of water content in honey. Food Control. 2010, 21, 339–341. [Google Scholar] [CrossRef]

	



Wrolstad, R.E.; Acree, T.E.; Decker, E.A.; Penner, M.H.; Reid, D.S.; Schwartz, S.J.; Shoemaker, C.F.; Smith, D.; Sporns, P. Handbook of Food Analytical Chemistry, Volume 1: Water, Proteins, Enzymes, Lipids, and Carbohydrates; John Wiley & Sons: Hoboken, NJ, USA, 2005; ISBN 978-0-471-70909-1. [Google Scholar]

	



Smets, K.; Adriaensens, P.; Vandewijngaarden, J.; Stals, M.; Cornelissen, T.; Schreurs, S.; Carleer, R.; Yperman, J. Water content of pyrolysis oil: Comparison between Karl Fischer titration, GC/MS-corrected azeotropic distillation and 1H NMR spectroscopy. J. Anal. Appl. Pyrolysis 2011, 90, 100–105. [Google Scholar] [CrossRef]

	



Büning-Pfaue, H. Analysis of water in food by near infrared spectroscopy. Food Chem. 2003, 82, 107–115. [Google Scholar] [CrossRef]

	



Iwaoka, T.; Tabata, F.; Tsutsumi, S. Use of FT-IR for the Quantification of Water in Biomolecules. Appl. Spectrosc. 1994, 48, 818–821. [Google Scholar] [CrossRef]

	



Célino, A.; Gonçalves, O.; Jacquemin, F.; Freour, S. Qualitative and quantitative assessment of water sorption in natural fibres using ATR-FTIR spectroscopy. Carbohydr. Polym. 2014, 101, 163–170. [Google Scholar] [CrossRef] [PubMed]

	



Blanco, M.; Coello, J.; Iturriaga, H.; Maspoch, S. Determination of water in lubricating oils by mid- and near-infrared spectroscopy. Microchim. Acta 1998, 128, 235–239. [Google Scholar] [CrossRef]

	



Elderderi, S.; Leman-Loubière, C.; Wils, L.; Henry, S.; Bertrand, D.; Byrne, H.J.; Chourpa, I.; Enguehard-Gueiffier, C.; Munnier, E.; Elbashir, A.A.; et al. ATR-IR spectroscopy for rapid quantification of water content in deep eutectic solvents. J. Mol. Liq. 2020, 311, 113361. [Google Scholar] [CrossRef]

	



Elderderi, S.; Wils, L.; Leman-Loubière, C.; Henry, S.; Byrne, H.J.; Chourpa, I.; Munnier, E.; Elbashir, A.A.; Boudesocque-Delaye, L.; Bonnier, F. Comparison of Raman and attenuated total reflectance (ATR) infrared spectroscopy for water quantification in natural deep eutectic solvent. Anal. Bioanal. Chem. 2021, 413, 4785–4799. [Google Scholar] [CrossRef]

	



Wartewig, S. IR and Raman Spectroscopy: Fundamental Processing; John Wiley & Sons: Hoboken, NJ, USA, 2006; ISBN 978-3-527-60643-6. [Google Scholar]

	



Parachalil, D.R.; Brankin, B.; McIntyre, J.; Byrne, H.J. Raman spectroscopic analysis of high molecular weight proteins in solution–considerations for sample analysis and data pre-processing. Analyst 2018, 143, 5987–5998. [Google Scholar] [CrossRef] [PubMed]

	



Heraud, P.; Wood, B.R.; Beardall, J.; McNaughton, N. Effects of pre-processing of Raman spectra onin vivo classification of nutrient status of microalgal cells. J. Chemom. 2006, 20, 193–197. [Google Scholar] [CrossRef]

	



Gautam, R.; Vanga, S.; Ariese, F.; Umapathy, S. Review of multidimensional data processing approaches for Raman and infrared spectroscopy. EPJ Tech. Instrum. 2015, 2, 8. [Google Scholar] [CrossRef]

	



McLaughlin, G.; Sikirzhytski, V.; Lednev, I.K. Circumventing substrate interference in the Raman spectroscopic identification of blood stains. Forensic Sci. Int. 2013, 231, 157–166. [Google Scholar] [CrossRef]

	



White, W.B.; Minser, D.G. Raman spectra and structure of natural glasses. J. Non-Cryst. Solids 1984, 67, 45–59. [Google Scholar] [CrossRef]

	



Zhu, S.; Li, H.; Zhu, W.; Jiang, W.; Wang, C.; Wu, P.; Zhang, Q.; Li, H. Vibrational analysis and formation mechanism of typical deep eutectic solvents: An experimental and theoretical study. J. Mol. Graph. Model. 2016, 68, 158–175. [Google Scholar] [CrossRef]

	



Mendelovici, E.; Frost, R.L.; Kloprogge, T. Cryogenic Raman spectroscopy of glycerol. J. Raman Spectrosc. 2000, 31, 1121–1126. [Google Scholar] [CrossRef]

	



Pandey, A.; Pandey, S. Solvatochromic Probe Behavior within Choline Chloride-Based Deep Eutectic Solvents: Effect of Temperature and Water. J. Phys. Chem. B 2014, 118, 14652–14661. [Google Scholar] [CrossRef]

	



Da Costa, A.A.; Leite, J.E. Molecular association of betaine and betaine hydrochloride in aqueous solutions–A study by Raman spectroscopy. Biochim. Biophys. Acta BBA-Gen. Subj. 2001, 1525, 161–166. [Google Scholar] [CrossRef]

	



Baran, J.; Barnes, A.; Engelen, B.; Panthöfer, M.; Pietraszko, A.; Ratajczak, H.; Sledz, M. Structure and polarised IR and Raman spectra of the solid complex betaine–trichloroacetic acid. J. Mol. Struct. 2000, 550–551, 21–41. [Google Scholar] [CrossRef]

	



Larkin, P. Infrared and Raman Spectroscopy: Principles and Spectral Interpretation; Elsevier: Amsterdam, The Netherlands, 2011; ISBN 978-0-12-387018-6. [Google Scholar]

	



Beier, B.D.; Berger, A.J. Method for automated background subtraction from Raman spectra containing known contaminants. Analyst 2009, 134, 1198–1202. [Google Scholar] [CrossRef] [PubMed]








[image: Molecules 26 05488 g001 550] 





Figure 1. Illustration of the portable Raman device used: (A) sample holder, (B) the device, (C) mean Raman spectrum of the deionised water collected from a glass vial, and (D) a Raman spectrum of glass. 
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Figure 2. Mean Raman spectra for CCG samples. Concentrations for water are respectively 0% (red), 9.1% (green), 16.68% (blue), 23.08% (yellow), and 28.56% (black). * Indicates bands corresponding to glycerol. The dotted boxes indicate the positions of H2O features. 






Figure 2. Mean Raman spectra for CCG samples. Concentrations for water are respectively 0% (red), 9.1% (green), 16.68% (blue), 23.08% (yellow), and 28.56% (black). * Indicates bands corresponding to glycerol. The dotted boxes indicate the positions of H2O features.



[image: Molecules 26 05488 g002]







[image: Molecules 26 05488 g003 550] 





Figure 3. Mean Raman spectra for BG samples. Concentrations for water are respectively 0% (red), 9.085% (green), 16.655% (blue), 23.075% (yellow), and 28.56% (black). * Indicates bands corresponding to glycerol. The dotted boxes indicate the positions of H2O features. 
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Figure 4. Mean Raman for GG samples (concentrations for water are respectively 0% (red), 9.094% (green), 16.67% (blue), 23.079% (yellow), and 28.57% (black). * Indicates bands corresponding to glycerol. The dotted boxes indicate the positions of H2O features. 
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Figure 5. PLS regression models obtained from training sets using preprocessed spectra in the range 300–3750 cm−1 for CCG (A), BG (B) and GG (C). 
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Figure 6. First regression coefficients from PLSR performed on CCG (A), BG (B) and GG (C) spectra. Dotted line indicates the zero baseline. 
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Table 1. List of samples prepared for the 3 NADES studied.
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Additional Water Concentration (% w/w)




	
Sample n°

	
Betaine–Glycerol

(BG)

	
Choline Chloride–Glycerol

(CCG)

	
Glucose–Glycerol

(GG)




	
SET_01

	
SET_02

	
SET_03

	
SET_01

	
SET_02

	
SET_03

	
SET_01

	
SET_02

	
SET_03






	
1

	
0.000

	
0.000

	
0.000

	
0.000

	
0.000

	
0.000

	
0.000

	
0.000

	
0.000




	
2

	
4.763

	
4.767

	
4.756

	
4.761

	
4.767

	
4.764

	
4.761

	
4.764

	
4.765




	
3

	
9.088

	
9.082

	
9.086

	
9.100

	
9.095

	
9.107

	
9.096

	
9.091

	
9.095




	
4

	
13.039

	
13.032

	
13.030

	
13.045

	
13.038

	
13.039

	
13.048

	
13.044

	
13.0486




	
5

	
16.649

	
16.656

	
16.660

	
16.664

	
16.685

	
16.681

	
16.667

	
16.677

	
16.672




	
6

	
19.976

	
20.007

	
20.003

	
19.999

	
19.995

	
20.006

	
20.005

	
20.006

	
20.007




	
7

	
23.066

	
23.075

	
23.085

	
23.095

	
23.080

	
23.079

	
23.0770

	
23.0772

	
23.085




	
8

	
25.926

	
25.910

	
25.911

	
25.935

	
25.920

	
25.923

	
25.935

	
25.930

	
25.940




	
9

	
28.592

	
28.548

	
28.551

	
28.540

	
28.559

	
28.588

	
28.577

	
28.564

	
28.580
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Table 2. Summary of RMSECV obtained from PLSR applied on training SETs (SET_01 and SET_02).






Table 2. Summary of RMSECV obtained from PLSR applied on training SETs (SET_01 and SET_02).











	
	RMSECV (% w/w Added Water Concentration)
	R2
	LV





	CCG
	0.2728
	0.9991
	7



	BG
	0.3724
	0.9985
	6



	GG
	0.8157
	0.9928
	6
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Table 3. Summary of RMSEP obtained from PLSR applied on Test SET (SET_03).
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	RMSEP (% w/w Added Water Concentration)
	R2





	CCG
	0.6805
	0.9995



	BG
	0.9859
	0.9956



	GG
	1.2907
	0.9873
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Table 4. Summary of accuracy for added water quantification in test samples (SET_03).
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Relative Error (RE)%




	
Sample n°

	
CCG

	
BG

	
GG






	
1

	
NA

	
NA

	
NA




	
2

	
4.025

	
34.039

	
34.511




	
3

	
1.358

	
4.749

	
2.436




	
4

	
0.376

	
4.460

	
13.055




	
5

	
1.122

	
3.357

	
6.191




	
6

	
2.692

	
2.114

	
2.531




	
7

	
3.291

	
2.518

	
1.698




	
8

	
4.287

	
0.009

	
1.325




	
9

	
4.337

	
1.646

	
3.114




	
Mean

	
2.686

	
6.612

	
8.108

















	
	
Publisher’s Note: MDPI stays neutral with regard to jurisdictional claims in published maps and institutional affiliations.











© 2021 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access article distributed under the terms and conditions of the Creative Commons Attribution (CC BY) license (https://creativecommons.org/licenses/by/4.0/).






media/file4.png
x 104

[P T D - - S S S D S S D S S S

| | | |

0 < (4p) (Q\| -
(snun "quy) Ayisusyu|

1800 2600 2800 3000 3200 3400 3600

1600
Raman shift (cm-T)

600 800 1000 1200 1400

400





nav.xhtml


  molecules-26-05488


  
    		
      molecules-26-05488
    


  




  





media/file2.png
Intensity (Arb. Units)

25

1.5

0.5

wiw G5

4
X 10
o0
N
<
N ™
™
N
- ™
N
¢
) =
C
<
i o &
/\\ D
M
| | | ]
500 1000 1500 2000 2500 3000 3500

Raman shift (cm-7)





media/file5.jpg
R

76361800 2600 2800 300

80 1000 1200 1400
Raman shift (cm )

a0 600





media/file3.jpg
400 600 800 1000 1200 1400 1600 1800 2600 2800 3000 3200 3400 3600
Raman shift cm")





media/file1.jpg
500 1000 1500 2000 2500 3000 3500
Raman shift (cm")





media/file7.jpg
(swun ) Aysuo

‘Raman shift (cm-)





media/file10.png
= 20f T = ogf | T
“§ 29 A = £ 29 B I
— ; —
8_\°, oal Y 0.9985x + 0.02 e § o4l y = 0.9985x + 0.0353 B
5 S
- g O -4
819 y 5 19 -
= = o
®Q 14} - S 14} v
) )
S 4 - S 4l &
& & |
- -1 -~ | | I | | - = L | 1 | | |
-1 9 14 19 24 29 -1 9 14 19 24 29
Observed concentration (%w/w) Observed concentration (Y%ow/w)
- 1 1 I l I
229 C I
32 | »=1.0025x-0.0423 o
~ 24} g
-
=,
19
S 14+ o
c
8 .  _
- 9 T
g I
&) -
= 4f
O |1
Q. _qe | | | | | | ]
-1 4 9 14 19 24 29

Observed concentration (%w/w)






media/file12.png
Intensity (Arb. Units)

30

|

500

|
1000

1500

2000
Raman shift (cm)

2500

3000





media/file9.jpg
<>

Predicted concentration (%wiw)

B
3= 09985+ 00353

I

Predicted concentration (%)

Ak T
Cnst et oo o

7 5 sose-ooms

&

i

§d

It

i

i,

L

@6 14 0 2 2
‘Observed concentration (%wiw)






media/file0.png





media/file8.png
Intensity (Arb. Units)

x 104

400

600

|
800

1000

i H,O0 | " H,O
*
*
* %
*
J [ A p——— 1| ! L - - ka
1200 1400 1600 1800 2600 2800 3000 3200 3400 3600

Raman shift (cm-7)





media/file11.jpg
Intensity (Arb. Units)

30,

500

1000

1500

2000
Raman shift (cm™)

2500

3000

3500





media/file6.png
X 10¢f

lllll

- "u

q4v) Ayisusju|

1800 2600 2800 3000 3200 3400 3600

Raman shift (cm-7)

600 800 1000 1200 1400 1600

400





