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Abstract: The microbial community composition of coastal dunes can vary across environmental
gradients, with the potential to impact erosion and deposition processes. In coastal foredunes, in-
vasive plant species establishment can create and alter environmental gradients, thereby altering
microbial communities and other ecogeomorphic processes with implications for storm response and
management and conservation efforts. However, the mechanisms of these processes are poorly under-
stood. To understand how changing microbial communities can alter these ecogeomorphic dynamics,
one must first understand how soil microbial communities vary as a result of invasion. Towards
this goal, bacterial communities were assessed spatially along foredune microhabitats, specifically
in barren foredune toe and blowout microhabitats and in surrounding vegetated monocultures of
native Ammophila breviligulata and invasive Carex kobomugi. Across dune microhabitats, microbial
composition was more dissimilar in barren dune toe and blowout microhabitats than among the two
plant species, but it did not appear that it would favor the establishment of one plant species over the
other. However, the subtle differences between the microbial community composition of two species
could ultimately aid in the success of the invasive species by reducing the proportions of bacterial
genera associated exclusively with A. breviligulata. These results suggest that arrival time may be
crucial in fostering microbiomes that would further the continued establishment and spread of either
plant species.

Keywords: Ammophila breviligulata; blowout; Carex kobomugi; community composition; invasive
plant; legacy effects; microbial diversity; plant-associated microbiomes; stress gradients

1. Introduction

Coastal dunes are invaluable habitats that are growing increasingly vulnerable to the
impact of sea level rise and climate change [1,2]. These highly dynamic habitats buffer
developed and natural inland areas from storm surge and high tides [3]. Plants act as
ecosystem engineers to build, stabilize, and recover dune habitats [4–6]. Specifically, below-
ground biomass stabilizes grains (reducing erosion) and aboveground biomass provides
surface cover and promotes sediment accretion and retention [7–9]. Microbes may also
directly and indirectly contribute to belowground sediment cohesion, but this has received
minimal research attention [10]. Variations in plant conditions (i.e., biomass, density, com-
position, and distribution) can directly impact dune stability and storm response, although
the mechanisms remain poorly understood [6,11,12]. Given this, variations in microbial
communities supporting these vegetation communities have the potential to directly and
indirectly underpin storm response. However, few studies have delved into the biology of
microbial dune communities [13–16].

Variations in microbial community compositions can impact their functional role in
system-level processes. Bacteria that fix nitrogen or solubilize phosphorus create more
favorable environments for plant growth and survival while also contributing to nutrient
cycling, organic matter decomposition, and soil structure, all of which contribute to plant
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community composition and ecosystem function [17–20]. Plants naturally vary in nutrient
needs and root exudate production, influencing microbial community composition and
activities [21–23]; this includes the production of polysaccharides (which can impact
sand grain adhesion and aggregation [24,25], with variations among different taxa) [26].
Microbes may contribute to dune plant survival in such harsh environments through
plant growth-promoting properties such as nutrient acquisition and drought tolerance [27].
Bacterial functional roles and niches change over time and space, with alterations in
microbial community composition between microhabitats [28] having the potential to
cause a cascade of effects in associated vegetation.

Despite a handful of dune-specific microbial studies, much remains unknown regard-
ing the understanding of spatiotemporal variations in and the implications of varying
microbial compositions. Actinobacteria, Firmicutes, Proteobacteria, Bacteroidetes, and
Cloroflexi have been observed as the dominant bacterial phyla in inland desert dunes [15].
Conversely, in coastal dunes, the dominant phyla observed included only Actinobacteria
and Proteobacteria [13,16]. Furthermore, coastal dunes in different developmental stages
may maintain their own distinct microbial communities [16]. Shet et al. found that Bacillus
(Firmicutes) is predominant on dunes in the early stage of formation, whereas Streptomyces
(Actinobacteria) and Kouleothrix (Chloroflexi) are the dominant genera in later stages of
formation. Bacterial abundance increased with dune age and comprised the major phyla
Acidobacteria, Bacteroidetes, Verrucomicrobia, Actinobacteria, Proteobacteria, and Firmi-
cutes [16]. Many bacterial genera belonging to these phyla have been observed to produce
compounds for plant growth promotion [16]. Some microbial communities may not impact
plant succession and establishment [29,30], but generally, microbial communities and dune
vegetation appear inextricably intertwined.

Abiotic gradients can affect plant and microbial community compositions [17,25,31].
Stressors associated with vicinity to the ocean (i.e., low nutrients and water retention,
high salt concentrations, sediment mobility, etc.) decrease moving inland, and vegetation
cover, diversity, and abundance increase in turn [3,27,32,33]. Concurrently, microbial
biomass, composition, and diversity also change, typically increasing moving inland and
varying with plant cover [16,25,34–36]. In particular, salinity is considered a major driver
of dune plant community compositions [37] and has also been found to impact microbial
communities in other habitats [38,39]. For example, microbial community composition
has been linked to soil salinity, where areas with higher salinity closer to the water had
higher levels of Gram-negative bacteria [31]. More stressful habitats in general support
less plant diversity, and similarly, lower levels of microbial activity have been detected in
barren dune areas [31,40].

Coastal dunes are vulnerable to invasive plant species, which can become highly
prevalent [41–43] and affect ecosystem processes by altering microbial biomass and di-
versity [44–47]. Invasive and native species may differ in plant morphology, nutrient
acquisition, and root exudates, which can alter soil properties influencing microbial com-
munity composition and soil structure [45,48]. The presence of nitrogen-fixing bacteria
may increase invasive success [49] and invasive-induced changes in microbial communities
can create positive feedbacks favoring further invasive dominance [20,50]. Invasive species
reduce and replace native species cover across a dune system [41,43,46], and this can have
short- and long-term effects even after eradication regarding legacy impacts to microbial
communities and soil structure [51–53].

Understanding if and how an invasive species alters dune microbial communities is
an essential part of understanding the depth of impact to current and future dune develop-
ment and storm response as compared to their native counterparts. Understanding how
microbial communities might vary across dune habitat gradients is key to better understand
the overall heterogeneity of the system that underscores storm response. Towards this goal,
bacterial community compositions were categorized within and among four foredune mi-
crohabitats: (1) in barren blowouts and (2) the foredune toe and among abutting vegetated
monocultures of (3) native American Beachgrass (Ammophila breviligulata) and (4) invasive
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Asiatic Sand Sedge (Carex kobomugi). Variations in microbial community composition and
diversity were examined spatially relative to stress gradients in the broader foredune habi-
tat and among barren and vegetated microhabitats. Among these microhabitats, emphasis
was placed on examining if and how invasive C. kobomugi alters community compositions
with regards to potential legacy effects impacting the success of future restoration efforts
post-eradication [52,54]. There are many unknowns regarding relationships between mi-
crobes and higher plants and animals in these and other landscapes [19]. Understanding
how microbial communities and invasive species alter microbial processes is a first step
towards understanding the cascading impacts this may have on biological and geomorphic
processes related to their management and conservation.

2. Materials and Methods
2.1. Field Site

This work was conducted at Island Beach State Park (IBSP), Ocean County, NJ, USA.
It is a micro-tidal ≈17 km high barrier island [55] with a sandy shoreline transitioning
from littoral to foredune, secondary, and tertiary dune, maritime forest, and tidal marsh.
Salt spray is considered a major driver of dune species distributions that characteristically
decreases with distance from the ocean at IBSP, as measured in Charbonneau et al., 2020 [41].
The foredunes are dominated by native A. breviligulata or invasive C. kobomugi with few
exceptions [6]. Invasive C. kobomugi arrived in the US in 1929 at IBSP such that stands here
are the oldest and possibly largest in the US [41,56]. The invasive species has since spread
from Massachusetts to North Carolina [57] and may invest in relationships with different
microbial communities as a native in Asia than as an invasive in the mid-Atlantic United
States [58].

This research was conducted at three sites, labeled A17, A19, and A21 (denoting
the beach access area they are found), each associated with a bowl blowout within a
3-km foredune span (Supplementary S1) [59]. This area of IBSP was not over washed or
inundated in Hurricane Sandy (October 2012) [6,60]. The blowouts were all greater than
550 m apart, and of similar diameter, depth, and area (506 m2, 485 m2, and 402 m2). Each
blowout had monospecific stands of both C. kobomugi and A. breviligulata, respectively,
abutting its edges. The extent of the blowouts was mapped October 2018 using ArcPad on
a Trimble GeoXT GeoExplorer (submeter accuracy: 0.8 m ± 95%), where blowout edges
were defined as where plants became ≤1-m apart outside of the depression. Carex kobomugi
stands were also mapped to define where they abutted A. breviligulata stands, considering
ramets < 1 m apart part of the same stand [6].

2.2. Soil Sample Collection

At each of the three sites, soil samples were collected on 5 April 2018, from four
microhabitats: the blowout itself, abutting monoculture vegetation stands (C. kobomugi and
A. breviligulata, respectively), and the foredune toe. Prior to the field effort, the collection
location of each sample (randomly assigned within microhabitats) was determined using
the mapped data and the ArcGIS Random Point Generator tool with >1.5-m distance
between points. Sample sizes include 8 samples from each vegetation stand, 16 from within
the blowout, and 6 from the closest foredune toe, for a total of 38 samples at each of the
three sites and 114 total samples (Supplementary S1).

Each sample consisted of three homogenized 810 cm3 cores collected 15 cm apart [61].
The top 10 cm of soil was removed with a trowel to reach the edaphic zone so each core
encompassed 10–30 cm depth, which for vegetated samples contained both edaphic and
rhizospheric soil and roots. Cores were collected by driving a 2.8 × 18 cm PVC pipe
into the sand, after sterilizing both the trowel and corer with ethanol between samples.
Complimentary edaphic data was not collected in consort with these cores, as preliminary
analyses of a subset of cores collected in December 2016 revealed low exchangeable cations
and base saturation across all microhabitats (Supplementary S2). All samples were stored
at 4 ◦C for 1 month until DNA extraction.



Diversity 2021, 13, 525 4 of 19

2.3. DNA Extraction & Sequencing

Of the 114 samples, DNA was successfully extracted from 88 samples using a DNeasy
PowerSoil Extraction Kit (Qiagen, Carlsbad, CA, USA) with triplicate extractions per
sample. Samples with low DNA concentrations (less than 5 ng/µL) were not used for
sequencing. Quality control of the extracted DNA samples consisted of DNA quantification
using a Take3 Multi-Volume Plate reader (Biotek, Winooski, VT, USA) using wavelengths
of 260 and 280 nm. Triplicate extractions were pooled per sample together for sequencing.
The 16S rRNA gene V4 variable region PCR primers 515/806 with a barcode on the forward
primer were used in a 30-cycle PCR using the HotStarTaq Plus Master Mix Kit (Qiagen,
Carlsbad, CA, USA) under the following conditions: 94 ◦C for three minutes, followed
by 30 cycles of 94 ◦C for 30 s, 53 ◦C for 40 s, and 72 ◦C for 1 min, with a final elongation
step performed at 72 ◦C for 5 minutes. After amplification, PCR products were verified
in 2% agarose gel to determine the success of amplification and the relative intensity
of bands. Multiple samples were pooled together in equal proportions based on their
DNA concentrations. Pooled samples were purified using calibrated Ampure XP beads.
Then, the pooled and purified PCR product was used to prepare an Illumina DNA library.
Sequencing was performed at MR DNA (Shallowater, TX, USA) on a MiSeq following
the manufacturer’s guidelines. Sequence data were processed using MR DNA analysis
pipeline (MR DNA, Shallowater, TX, USA). In summary, sequences were joined, depleted of
barcodes then sequences <150 bp removed, sequences with ambiguous base calls removed.
Sequences were denoised, OTUs were generated, and chimeras were removed. Operational
taxonomic units (OTUs) were defined by clustering at 3% divergence (97% similarity). Final
OTUs were taxonomically classified using BLASTn against a curated database derived
from RDPII and NCBI (www.ncbi.nlm.nih.gov, http://rdp.cme.msu.edu), consolidated in
October 2019.

Extracted and sequenced samples are even for each of the three blowouts and three
foredune toe sections, with nine and six samples at each, respectively. The samples are
relatively evenly distributed across the vegetated stands as only three A. breviligulata and
two C. kobomugi samples lacked DNA after extraction. OTU data distribution for each
sample was used for the calculation of Shannon’s diversity indexes using the vegan package
in R version 4.0.3 [62]. OTU taxonomic assignment was used to determine percentages of
phylum and genus composition at each microhabitat to be used in all statistical analyses.

2.4. GIS & Statistical Analyses

Sample locations were referenced to dune system features using ArcGIS 10.3.1. The
Near tool was used to determine the distance of each blowout sample to the closest edge
and each C. kobomugi sample to its closest stand edge abutting an A. breviligulata stand. This
tool was also used to calculate the distance of each sample to the foredune crest, defined as
where the plateaued foredune habitat drops to the seaward foredune, mapped as a polyline
in January 2016, and did not shift between the core collection and its mapping [58].

All statistical analyses were performed in JMP Pro 14.0 and R version 4.0.3 [62]. All
statistical tests were two-tailed using α = 0.05 and all means are reported ± S.E. We
performed ANOSIM analyses using the “vegan” package in R [62] to compare community
composition across sites for each microhabitat and confirmed that community composition
did not vary significantly between the three sites (p > 0.05); given this, we pooled the
data across sites in statistical analyses. Additionally, we also used ANOSIM in pairwise
comparisons of community composition between microhabitats. All of our ANOSIM
analyses were performed with Bray–Curtis similarities after 9999 permutations.

Data from the blowouts and foredune toe were treated as one barren category com-
pared to the two vegetated microhabitats, which were kept separate. ANOVA was used to
examine if there are differences in the percent composition of the most prevalent microbial
genera, and to examine differences in diversity, calculated as the Shannon Index using
OTU data from each sample. Principal components analysis (PCA) was computed from
the resulting distance matrices using phylum and genus percent community composition
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data using R version 4.0.3 [62] and reducing dimensionality to two dimensions (PC1 vs.
PC2). PCA analysis of phylum data was performed with all samples combining all sites, as
well as for each of the individual sampling sites A17, A19, and A21.

Linear regression was used to test whether there are spatial patterns in composition
and diversity regarding the position of each sample point relative to its linear distance
from the crest. For the invasive and blowout microhabitat samples, which maintain distinct
habitat edges, regression was used to test if composition and diversity vary within the
habitat relative to distance to the stand center. The proportion of samples containing the
most prevalent genera and phylum were determined and compared between the four
microhabitats, and among barren vs. vegetated microhabitats using Fisher’s exact test.

3. Results
3.1. Bacterial Community Composition & Diversity

A total of 3,415,118 raw Illumina reads were obtained from 88 samples. On average,
27,903 ± 594 reads were obtained per sample after quality control, denoising, and filtering
of chimeric reads. A total of 8146 bacterial OTUs were identified, with an average of
1667 OTUs per sample, ranging from 670 to 3445 OTUs. All sequencing data were deposited
in the GenBank database accession numbers SRR15979670-SRR15979757 and the BioProject
number PRJNA764730.

Across all 88 samples, Proteobacteria was consistently the most abundant phylum,
ranging from 41.21% to 80.54% of community composition (Figure 1A). Other abundant
phyla included Actinobacteria (4.21% to 22.78%) and Bacteroidetes (5.99% to 25.11%). Less
abundant phyla that represented at least 1% of the community composition in samples
included Firmicutes (2.16% to 7.32%), Verrucomicrobia (1.18% to 6.51%), Acidobacteria
(0.41% to 5.02%), Chloroflexi (0.35% to 4.92%), Fibrobacteres (0.08% to 4.31%), Cyanobac-
teria (0.49% to 3.19%), Gemmatimonadetes (0.87% to 2.86%), and Planctomycetes (0.66%
to 2.65%). Other phyla that contributed less than 1% to the community composition were
pooled together and accounted for 0.43% to 2.38% of the community composition.

In vegetated microhabitats, Proteobacteria represented 49.74 ± 2.59% and 44.36 ± 0.86%
of community composition in A. breviligulata and C. kobomugi samples, respectively (Figure 1A).
Proteobacteria had higher representation in barren microhabitats with 59.41 ± 2.01%
and 55.77 ± 2.44% in dune toe and blowout microhabitats, respectively. Conversely,
Bacteroidetes were more abundant in vegetated microhabitats with 13.74 ± 1.68% and
17.45 ± 1.25% of community composition in A. breviligulata and C. kobomugi microhabi-
tats, respectively, than in the dune toe and blowouts which contained 9.87 ± 1.38% and
8.28 ± 1.24%, respectively. Fibrobacteres were also found to have a larger representation in
vegetated microhabitats, contributing 1.75 ± 0.37% to the community composition in A.
breviligulata microhabitats and 3.09 ± 0.711% in C. kobomugi microhabitats, while dune toe
and blowout microhabitats contained 0.19 ± 0.02% and 0.15 ± 0.03%, respectively.

Shannon diversity also varied across microhabitats (Figure 1B). Vegetated microhab-
itats had the highest Shannon indexes and lowest variability with values of 5.61 ± 0.76
in A. breviligulata stands and 5.88 ± 0.37 in C. kobomugi stands. Barren microhabitats had
Shannon indexes of 4.41 ± 1.57 at the dune toe and 5.31 ± 0.82 in blowouts. The two
vegetated microhabitats do not vary significantly in Shannon diversity, but both maintain
greater diversity than the barren microhabitats (F2,85 = 10.12, p < 0.0001).

3.2. Phylum-Level Variability in Microbiome Composition

Prevalence varied across phylum (F11,96 = 52.69, p < 0.0001) and microhabitat type
(F3,96 = 8.96, p < 0.0001) with a significant interaction between the two (F33,96 = 1.93,
p < 0.01). ANOSIM analysis revealed that community composition varied significantly
between both vegetated microhabitats and barren microhabitats (Table 1). Pairwise com-
parisons between A. breviligulata and C. kobomugi microhabitats (R = 0.08866, p < 0.05) and
between A. breviligulata and barren microhabitats (R = 0.06821, p < 0.05) revealed significant
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differences, but the most significant differences were observed between C. kobomugi and
the barren microhabitats (R = 2294, p < 0.001).
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Table 1. Results of pairwise ANOSIM of community composition. R values were derived from
Bray–Curtis similarity matrices using 9999 permutations.

Pairwise Comparison R Value p Value

A. breviligulata versus C. kobomugi 0.08866 0.0466

A. breviligulata versus Barren 0.06821 0.0231

C. kobomugi versus Barren 0.2294 0.0005

Principal components analysis revealed distinctive clustering of vegetated micro-
habitats with some overlap with barren microhabitats when using phylum composition
data of all samples from all three sites (Figure 2A). When looking at the data from all
three the sampling sites together, the biggest drivers of these community shifts seem to be
Bacteroidetes for the vegetated samples, while Proteobacteria and Actinobacteria seem to
be the largest drivers for the barren samples (Figure 2B). When the same phylum-level PCA
analysis was performed for each individual sampling site, separate clustering between
vegetated and barren samples was also observed in sites A17 and A21 (Figure 3). At these
sites, it was possible to distinguish clustering of the foredune toe and blowout. However,
Actinobacteria and Proteobacteria seem to be key drivers for blowout samples in A17 and
in A21, respectively, while their role was reversed in foredune toe samples. On both sites,
Bacteroidetes is a key driver for the vegetated stands. Fibrobacteria seem to also be a
driver in vegetated stands in A17. At site A19, clustering was less distinct between the four
microhabitats, although Proteobacteria and Actinobacteria were observed once again to be
key drivers, particularly for the blowout samples.
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3.3. Genus-Level Variability in Microbiome Composition

Differences in genus composition are presented in Table 2. Of the 58 genera that
represented more than 0.1% of the community composition, 14 were found to have sig-
nificant differences between microhabitat categories. The genera Devosia (F2,85 = 35.88,
p < 0.0001), Fibrobacter (F2,85 = 42.64, p < 0.0001), Mesorhizobium (F2,85 = 14.01, p < 0.0001),
Mucilaginibacter (F2,85 = 24.13, p < 0.0001), Ohtaekwangia (F2,85 = 19.87, p < 0.0001) and
Sphingobacterium (F2,85 = 13.10, p < 0.0001) were significantly more abundant in both vege-
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tated microhabitats compared to barren microhabitats. In Ammophila stands, Bacteriovorax
(F2,85 = 4.80, p = 0.01) and Flavisolibacter (F2,85 = 10.23, p < 0.0001) were significantly
more abundant than in barren microhabitats. In invasive stands, Cytophaga (F2,85 = 74.78,
p < 0.0001) and Streptomyces (F2,85 = 24.04, p < 0.0001) were significantly more prevalent
than in A. breviligulata stands, and they are significantly more prevalent in vegetated micro-
habitats than in barren habitats. In addition, the genera Ktedonobacter (F2,85 = 6.65, p = 0.002)
and Opitutus (F2,85 = 19.28, p < 0.0001) had significantly higher numbers in invasive stands
than in both native A. breviligulata stands and barren microhabitats. Barren microhabitats
also had significantly higher numbers of Acidobacterium (F2,85 = 4.40, p = 0.02) and Bacillus
(F2,85 = 6.88, p = 0.002) than in invasive stands.
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on the axes.

The genus percentage composition of the 58 genera that represented more than 0.1% of
the community composition was also used in principal component analysis to investigate
their role in community composition of all dune microhabitats (Figure 4). Similar to
the results observed in phylum-level PCA analyses, the most distinct clustering was
observed in the vegetated microhabitats with much clearer separation from the barren
microhabitats. The major drivers for the vegetated microhabitats were found to be OTUs of
the genus Fibrobacter, Cytophaga and Streptomyces, whereas the barren microhabitats seem to
be largely driven by OTUs from the genus Pedobacter, Eubacterium, Massilia, Acidobacterium,
and Bacillus.

Genus composition data from all sites were used to determine which genera had
the highest log-fold differences in composition, although it should be noted that these
might not translate into changes in absolute abundances. A total of 17 genera in inva-
sive stands and 11 genera in barren microhabitats were found to have two-fold higher
proportions relative to each other in at least one of the three sampling sites (A17, A19
and A21 (Figure 5)). The top three genera with the highest average log-fold changes more
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prevalent in C. kobomugi microhabitats compared to barren sites were Cytophaga (1.43 log
fold, 26.9 fold change), Ktedonobacter (1.27 log fold, 18.6 fold change), and Fibrobacter
(1.21 log fold, 16.2 fold change). In addition, seven genera that were consistently found to
have a log-fold difference higher than 0.301 (2-fold) between invasive C. kobomugi stands
and barren microhabitats across all three sampling sites consisted of Cytophaga, Fibobacter,
Dokdonella, Streptomyces, Mucilaginibacter, Steroidobacter, and Rhodoplanes. When looking at
samples collected from A. breviligulata stands compared to barren microhabitats, a total of
17 genera from A. breviligulata and 13 genera in barren microhabitats were found to have a
two-fold higher proportions relative to each other in at least one of the three sampling sites
(Figure 6). The three genera with the highest log-fold changes with higher proportions in
A. breviligulata stands were Fibrobacter (1.12 log fold, 13.2 fold change), Cytophaga (1.03 log
fold, 10.7 fold change), and Leptospira (1.10 log fold, 12.6 fold change). In addition, five
genera that were consistently found to have a log-fold difference higher than 0.301 (2-fold)
between native A. breviligulata stands and barren microhabitats across all three sampling
sites: Fibrobacter, Cytophaga, Leptospira, Devosia, and Streptomyces.

Table 2. Percent composition of the topmost prevalent genera varied across the two plant species, native A. breviligulata
(AB) and invasive C. kobomugi (CK) and the microhabitats lacking vegetation (Barren). Means are ± standard error. Asterisk
(*) indicate P-values below 0.05.

Microhabitat % Composition Statistical Result

Genus AB CK Barren ANOVA Tukey HSD

Devosia 0.86 ± 0.14 0.90 ± 0.09 0.24 ± 0.05 F2,85 = 35.88, p < 0.0001 *

(AB = CK) > Barren
Fibrobacter 2.24 ± 0.42 3.09 ± 0.71 0.17 ± 0.03 F2,85 = 42.64, p < 0.0001 *

Mesorhizobium 0.76 ± 0.11 0.91 ± 0.09 0.41 ± 0.07 F2,85 = 14.01, p < 0.0001 *

Mucilaginibacter 0.72 ± 0.17 0.79 ± 0.19 0.13 ± 0.01 F2,85 = 24.13, p < 0.0001 *

Ohtaekwangia 0.86 ± 0.26 0.60 ± 0.15 0.10 ± 0.04 F2,85 = 19.87 p < 0.0001 *

Sphingobacterium 0.90 ± 0.10 0.86 ± 0.07 0.50 ± 0.05 F2,85 = 13.10, p < 0.0001 *

Bacteriovorax 0.44 ± 0.11 0.24 ± 0.07 0.16 ± 0.03 F2,85 = 4.80, p = 0.01 *
AB > Barren

Flavisolibacter 0.75 ± 0.18 0.42 ± 0.08 0.22 ± 0.03 F2,85 = 10.23, p < 0.0001 *

Cytophaga 1.15 ± 0.24 2.86 ± 0.54 0.09 ± 0.01 F2,85 = 74.78, p < 0.0001 *
CK >AB > Barren

Streptomyces 1.10 ± 0.32 2.12 ± 0.34 0.35 ± 0.04 F2,85 = 24.04, p < 0.0001 *

Ktedonobacter 0.01 ± 0.00 0.46 ± 0.26 0.00 ± 0.00 F2,85 = 6.65, p = 0.002 *
CK > (AB = Barren)

Opitutus 0.66 ± 0.07 1.15 ± 0.13 0.50 ± 0.05 F2,85 = 19.28, p < 0.0001 *

Acidobacterium 2.63 ± 0.31 2.50 ± 0.23 3.75 ± 0.30 F2,85 = 4.40, p = 0.02 *
Barren > CK

Bacillus 1.34 ± 0.20 0.79 ± 0.19 2.14 ± 0.31 F2,85 = 6.88, p = 0.002 *

The two plant species shared 12 distinct genera among the genera more prevalent in
vegetated than barren samples (Figures 5 and 6): Fibrobacter, Chitinophaga, Mucilaginibacter,
Ohtaekwangia, Sphingobacterium, Devosia, Dokdonella, Mesorhizobium, Rhodoplanes, Steroidobacter,
and Streptomyces. There were five genera unique to C. kobomugi stands (Bradyrhizobium,
Ktedonobacter, Luteolibacter, Opitutus, and Verrucomicrobium) and five genera unique to from
A. breviligulata stands (Flavisoilibacter, Geobacter, Bacteriovorax, Pelobacter, and Leptospira).
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Figure 4. Principal components analysis of dune microhabitat (blowout (OP), A. breviligulata (A),
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at the genus level. All the samples collected in this study are shown based on their respective
microhabitat (A) and with arrows representing the vectors of factor loadings (B). The percent variation
explained by the PCs of the principal components analysis is indicated on the axes.
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Figure 5. Genera with the largest average fold changes in invasive C. kobomugi stands (A) and barren
microhabitats (B) when compared to each other. Left panel represents average log fold increases
across all sites, while the right panel represents log fold increase for sites A17, A19 and A21. A log
fold increase of 0.301 (2-fold increase) is shown in a segmented line for reference.
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Figure 6. Genera with the largest average fold changes in native A. breviligulata stands (A) and barren
microhabitats (B) when compared to each other. The left panel represents average log fold increases
across all sites, while the right panel represents log fold increase for sites A17, A19, and A21. A log
fold increase of 0.301 (2-fold increase) is shown in a segmented line for reference.

3.4. Spatial Patterns

Principal component ordination using genus composition for PC1 (Genus PC1) in-
creases moving inland from the crest (R2 = 0.15, F1,68 = 12.14, p = 0.0009). Conversely, genus
PC2 (R2 = 0.06, F1,68 = 4.39, p = 0.04), phylum PC2 (R2 = 0.08, F1,68 = 5.70, p = 0.02), and
Shannon diversity (R2 = 0.12, F1,60 = 8.30, p = 0.005) decrease moving inland from the crest
(Figure 7). Phylum PC1 is also higher at the crest and decreases inland, but this pattern
is not significant (R2 = 0.03, F1,68 = 2.19, p = 0.14; Figure 7). Shannon diversity also shows
greatest diversity at the crest, decreasing moving inland. This relationship is consistent as a
trend with the eight outliers included, which had Shannon diversity scores lower than 4.5
(R2 = 0.05, F1,68 = 3.34, p = 0.07), and was strengthened when they were removed (R2 = 0.12,
F1,60 = 8.30, p = 0.005; Figure 8).
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Figure 8. OTU diversity decreases moving inland from the crest. This relationship is a trend including
eight highlighted outliers and significant with them removed. The eight outliers are explicitly from
A. breviligulata stands (AB) and blowout (OP) microhabitats.

In invasive and blowout microhabitats, genus PC1 decreases moving towards habitat
edges (R2 = 0.14, F1,47 = 7.392, p = 0.007), whereas phylum PC1 is greatest closer to the edges
and decreases moving towards the microhabitat center (R2 = 0.09, F1,47 = 4.30, p = 0.04). The
same patterns emerge examining PC2, but they are not statistically significant (p > 0.05).
Shannon diversity does not vary with position in these microhabitats.
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4. Discussion

Bacterial OTU diversity (Shannon index) was higher in vegetated native A. breviligulata
and invasive C. kobomugi stands than in barren blowout and dune toe microhabitats.
Additionally, phylum and genus PCAs revealed significant spatial relationships in PC
score relative to sample distance to the crest. Plant diversity and soil salinity have been
reported to affect microbial community composition in coastal dunes [31,40], but the
analyses between sites here suggest that there may be other factors at play.

Phylum-level community composition distinctions between microhabitats largely
stem from differences among vegetated and barren microhabitats. Although minor changes
in community compositions might have occurred between sampling and DNA extraction,
consistent with previous studies of dune and desert environments [13,14,16,63], Proteobac-
teria, Actinobacteria, and Bacteroidetes were the dominant phyla across all habitats. The
observed prevalence of Bacteroidetes in vegetated versus barren microhabitats has not
been previously reported. However, Bacteroidetes contain well-known organic matter
degraders [64,65], and endophytic bacteria associated with plants inhabiting similarly
challenging environments (such as the Chilean desert and Arctic [66,67]) make them likely
candidates to be found in these environments. Our finding that Proteobacteria and Acti-
nobacteria are conversely more prevalent in barren microhabitats supports previous studies
on coastal dunes [13,16]. The community compositions in vegetated microhabitats are
more similar to each other than to barren microhabitats, with similar percent compositions
of Firmicutes, Bacteroidetes, and Actinobacteria. These phyla have all been found in other
coastal and desert dune systems and include species that have been identified as plant
associated microorganisms [13,14,68]. Specifically, higher levels of Verrucomicrobia and
Fibrobacteres were found in invasive C. kobomugi stands, two ubiquitous soil phyla with
few culture representatives and cellulose degrading capabilities, respectively [69–71].

Plant presence appears to drive increased prevalence of genera that have been found
to benefit plants in other habitats in ways that would increase dune plant fitness. Specif-
ically, Fibrobacter, Cytophaga, Streptomyces, Sphingobacterium, Devosia, Mesorhizobium, and
Mucilaginibacter were all more prevalent in vegetated stands than barren microhabitats and
can assist in plant growth promotion, such as through phosphorus solubilization and the
production of plant growth promoting compounds [72–77]. Mucilaginibacter specifically
had the largest log-fold changes between barren and vegetated microhabitats and can
be common in soils and plant tissue of coastal environments [78–80]. Similarly, Devosia
and Mesorhizobium species have been demonstrated to form root nodules in aquatic and
coastal plants [76,81]. Fibrobacter and Cytophaga species can degrade cellulose and complex
soil carbohydrates aiding in organic matter decomposition [71,82,83]. Streptomyces and
Sphingobacterium species can both reduce plant soil salinity stress [84–87] and Streptomyces
and Sphingobacterium can positively impact soil aggregation [24,25,88,89] and suppress
harmful fungal growth [74,90], respectively.

The dominant genera we found in barren microhabitats are known to dwell in desert
soils promoting plant growth. Barren microhabitats had larger proportions of OTUs cor-
responding to the genera Bacillus, Eubacterium, Pedobacter, Acidobacterium, and Massilia.
Bacillus is a very diverse genus of well-known soil-dwelling organisms, with some members
being able to produce many important secondary metabolites [91,92]. Bacillus species have
previously been isolated from extreme sandy environments, including Bacillus sonorensis
(which was isolated from the Sonoran Desert [93]) and Bacillus vallismortis, isolated from
Death Valley [94]. Among the genera more prominent in barren environments, some species
are known to have plant associations, such as those from soil Pedobacter [95–97]. Pedobacter
species have been found in biological soil crusts in the Gurnbantunggut Desert [98]. Sim-
ilarly, the genus Massilia can be an important microbial community member in desert
soils and includes rhizosphere colonizers [99–101]. These genera include species with
adaptations that would serve them well in both barren and vegetated environments, but
they do not appear to establish associations with either the native or invasive plant.
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The plant species largely share similar community compositions. However, we have
identified differences in composition in this study that may contribute to the success of
each respective plant on coastal dunes. Invasive species can alter community composition
of the surrounding soil, potentially impacting the ability of native species to recruit specific
microbial communities [45,46,53]. These changes in microbial community composition
may have negative consequences for the establishment of native species within the ecosys-
tem [20,46,102]; altering plant establishment and succession in this ecosystem [4,5] can have
cascading impacts on dune stability [6,11,12]. Despite belonging to different taxonomic
families (Poaceae and Cyperaceae), the two plant species share twelve dominant genera,
and five unique genera each.

The unique genera found in invasive C. kobomugi stands (Bradyrhizobium, Ktedonobacter,
Luteolibacter, Opitutus, and Verrucomicrobium) may impact its success as an invader. Nitrogen-
fixing bacteria, like the genus Bradyrhizobium, have the ability to drive the establishment
of invasive plant species [49]. Other genera seem to be associated with reduced nutrient
availability. This is the case of Ktedonobacter, a genus that has been linked to plant disease
as it competes for nitrogen as a soil nutrient [103]. Two genera belonging to the phylum
Verrucomicrobia, Opitutus and Verrucomicrobium, also play important roles in nitrogen and
nutrient availability. Opitutus species have an important role in denitrification and are
prevalent in nitrate-rich environments [104,105] and the genus Verrucomicrobium has been
associated with soils with low nutrient availability [106,107]. The extensive root system
and density of C. kobomugi further reduce nutrient availability in these already nutrient
poor habitats [6,41,57,58], favoring the higher prevalence of plant-associated organisms
capable of inhabiting low-nutrient environments.

The unique genera found in native A. breviligulata stands (Flavisolibacter, Geobacter,
Bacteriovorax, Pelobacter, and Leptospira) may aid in its ability to establish itself as a pi-
oneer through stress reduction. These unique genera may be more prevalent given
variations in root exudates from vegetation [23,108]. Nitrogen as a limiting nutrient
could come into play again, since Geobacter and Pelobacter are capable of nitrogen fix-
ation [109,110]. A. breviligulata may also actively recruit organisms involved in disease
suppression. Flavisolibacter has been positively correlated with disease suppression against
the pathogens Rhizoctonia solani [111] and Plasmodiophora brassicae in infected cabbage
plants [112]. Similarly, Bacteriovorax is a genus of known predatory bacteria that can serve as
a biocontrol of gram-negative plant pathogens [113]. Genera unique to A. breviligulata may
also play an important role in soil aggregation in the dunes, since Geobacter, Bacteriovorax,
and Leptospira species are known to produce biofilms through extracellular polymeric
substances production [114–116].

5. Conclusions

While vegetated invasive C. kobomugi and native A. breviligulata stands together were
more different than barren dune toe and blowout habitats, and the subtle differences
between the microbial community composition of two species could ultimately aid in
the invader’s success. The changes in microbial community composition associated with
C. kobomugi appear to reduce the proportions of bacterial genera associated exclusively
with A. breviligulata which have been documented as affecting plant disease suppression
and soil aggregation. The displacement of microbes protecting plant health and dune
development have the potential to alter dune geomorphology and succession. However,
these changes represent a small fraction of the community compared to the proportion of
plant-associated genera shared by both vegetated microhabitats. To fully understand the
specific roles these genera play in vegetated microbial communities and the surrounding
environment they create, further investigation into specific bacterial species present at
these sites and their functional abilities is needed. Similarly, removing C. kobomugi and
planting A. breviligulata or vice versa, with microbial sample collection over time, would
reveal the timescale at which the microbial communities change after conservation efforts
or invasion, respectively. Regardless, barren microhabitat microbial composition does not
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appear to disproportionately alter the success or failure of one plant species or the other in
establishing itself to recolonize these open niche areas. Given this, plant arrival time may
be crucial followed by the subsequent recruitment and fostering of favorable microbiomes
that would further increase the likelihood of continued survival and spread of a native or
invasive plant.

Supplementary Materials: The following are available online at https://www.mdpi.com/article/10
.3390/d13110525/s1, Supplementary S1: Field Collection Details. Supplementary S2: Soil Character-
istic Analyses.
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47. Stefanowicz, A.M.; Zubek, S.; Stanek, M.; Grześ, I.M.; Rożej-Pabijan, E.; Błaszkowski, J.; Woch, M.W. Invasion of Rosa rugosa
Induced Changes in Soil Nutrients and Microbial Communities of Coastal Sand Dunes. Sci. Total Environ. 2019, 677, 340–349.
[CrossRef] [PubMed]
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