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Abstract: Nanoplastics (NPs) are a rapidly developing subject that is relevant in environmental and
food research, as well as in human toxicity, among other fields. NPs have recently been recognized
as one of the least studied types of marine litter, but potentially one of the most hazardous. Several
studies are now being reported on NPs in the environment including surface water and coast,
snow, soil and in personal care products. However, the extent of contamination remains largely
unknown due to fundamental challenges associated with isolation and analysis, and therefore, a
methodological gap exists. This article summarizes the progress in environmental NPs analysis and
makes a critical assessment of whether methods from nanoparticles analysis could be adopted to
bridge the methodological gap. This review discussed the sample preparation and preconcentration
protocol for NPs analysis and also examines the most appropriate approaches available at the
moment, ranging from physical to chemical. This study also discusses the difficulties associated with
improving existing methods and developing new ones. Although microscopical techniques are one of
the most often used ways for imaging and thus quantification, they have the drawback of producing
partial findings as they can be easily mixed up as biomolecules. At the moment, the combination
of chemical analysis (i.e., spectroscopy) and newly developed alternative methods overcomes this
limitation. In general, multiple analytical methods used in combination are likely to be needed to
correctly detect and fully quantify NPs in environmental samples.

Keywords: analytical techniques; characterization; sample treatment; fractionation; microscopy; light
scattering; spectroscopy; mass spectrometry

1. Introduction

Approximately 80% of the 8 billion metric tons of plastic that has been manufactured
to date has ended up in landfills or the environment [1,2]. Tiny pieces of plastic are formed
through the fragmentation of bigger pieces, the use of synthetic fibers in clothes and the
usage of microbeads in consumer goods [3]. These tiny pieces account for the majority of
plastic particle counts in the environment and are typically referred to as microplastics
(MPs, defined as particles with sizes greater than 100 nm and less than 5 mm). Nanoplastics
(NPs ≤ 100 nm) particles, which are analogous to MPs particles, may also be created
deliberately (primary NPs, which are manufactured for cleaning goods or as calibration
standards for nanoparticles, for example) or from further degradation of MPs. By way of
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illustration, ref. [4] reported the production of NP particles from millimeter-scale polymers
using ultraviolet light. In the case of a PS disposable coffee cup lid, ref. [5] observed the
production of NPs, while ref. [6] observed that MP particles (about 30 µm in diameter)
eaten by a planktonic crustacean (Antarctic krill) were broken into fragments smaller than
1 µm in diameter. Due to their tiny size, NPs have the potential to be eaten by biota, with
uncertain implications for the health of animals [7].

NPs are a rapidly developing subject that is relevant in environmental and food
research, as well as in human toxicity, among other fields. The ability of nano-PET particles
to penetrate the gut barrier was shown in a model of human intestinal epithelium, with
uncertain long-term consequences on health as well as the possible transfer of related
compounds as a result [8]. As a result of the high surface-to-volume ratio of NPs particles,
it is anticipated that they would (ad)sorb greater quantities of external hazardous chemicals
than MPs [9].

NPs have been recently recognized as one of the least studied types of marine litter, but
potentially one of the most hazardous [8,10]. Thus, information on the chemical composi-
tion (including polymer type, additives and sorbed contaminants), number concentrations,
size/size distribution and mass of NPs particles as well as on their shapes and surface
properties are essential for the understanding of their impacts on the environment and
human health.

In spite of several studies reporting on NPs in the environment including the North
Atlantic surface water [11] and coast [2], Alpine snow [12] and soil [13] and in personal care
products [14], the extent of contamination remains largely unknown due to practical and
in some cases fundamental challenges associated with isolation and analysis. A knowledge
gap exists as a result, particularly for polymers with a thickness of less than 100 nm. NP
particles are diverse, in the same way as MP particles (e.g., polymer type, size, surface
properties, etc.). However, structural diversity is expected to be lower than that of MP
particles due to the significantly greater number of fragmentations that occur during the
NPs formation process, as opposed to that of MP particles [15]. It is thus important for NP
research to have knowledge and expertise from the MP domain. Due to the tiny mass and
size of NPs, however, the techniques established for the analysis of MP particles can only
be used to a limited extent to NP analysis.

It is the purpose of this research to investigate the analysis and separation of the
lowest size fractions of plastics in the most difficult matrices. Techniques for NPs analysis
are described in this paper in order to aid researchers in exploring new paths in the
development of methods to isolate and analyze NPs in environmental samples. The
analytical method framework for NPs analysis is presented in Figure 1. The different
analytical steps are discussed in the following sections.
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2. Sample Preparation or Preconcentration

Given the widespread presence of plastic contamination, the analytical procedure
starts with defining the question to be answered (plastic particle quantity, size and PSD or
mass of plastic particles per mass or volume of sample), which is dependent on the sample
to be studied. Depending on the medium, sampling methods are varied and are akin to
normal sampling processes for environmental samples. The sampling technologies for
MPs are also applicable for NP, these techniques have been discussed previously [16,17].
The samples span from drinking water to food, as well as environmental fluids, sediments,
biota tissue and in-/effluents from waste water treatment plants (WWTPs), all of which
include different amounts of matrix around the plastic particles.

Prior to processing, samples are treated for undesirable organic materials (OM) by
being digested with 30% hydrogen peroxide (H2O2) for 7–8 days to remove the OM [7].
This percentage of hydrogen peroxide solution is suggested as an excellent reagent for the
removal of about 50% of biogenic organic debris in one week [18]. In addition to these
chemicals, perchloric acid (HClO4) and nitric acid (HNO3) can be used [5,18]. However,
these chemicals must be properly prepared because aggressive chemicals such as these can
be destructive to plastic particles if they are not properly diluted, resulting in inaccurate
identification and quantification [19]. The amount of H2O2 required for digestion is
determined by the amount of organic matter (OM) present in the sample. It is important
to note that the impact of the OM on the fate, effects and detectability of NPs is highly
dependent on the particle size of the particles. In terms of the microscale, the OM is a
tiny component when compared to the host polymer. As the size of the plastic component
diminishes, the contribution of OM rises, and it becomes more difficult to distinguish
the plastic component from the other components, particularly when the carbon-based
structures are identical [8]. As a result, it is critical to eliminate OM from the samples prior
to preconcentrating them.

NPs in the environment have very tiny sizes and masses and as a result, the pre-
concentration step is almost always required throughout the analytical procedure [7]. Some
of the pre-concentration methods that have been used are as follows:

2.1. Membrane Filtration

Membrane filtration is a widely used technique for removing particles from water
samples due to its simplicity of use, high efficiency and desirable enrichment factors.
Membranes with a range of pore diameters (from several µm to hundreds of nm) allow
the fractionation of NPs of various sizes. Ref. [20] isolated NPs from teabag leachate after
steeping plastic teabags at 95 ◦C using a cellulose filter. Polytetra-fluorethylene (PTFE)
filters with a pore size of 0.2 µm were also used to separate NPs from MPs in melting
Alpine snow samples [12]. One of the primary advantages is that the size and shape of
NPs retained on the filter may be maintained, allowing for subsequent identification and
measurement. Membrane fouling, on the other hand, would significantly slow down
the filtration process when the pore size is in the nm range [21,22] and the possibility of
damaging pore structures would significantly reduce the amount of valid samples that can
be filtered. Typically, the cost of membranes with smaller pore sizes of the same materials
is much greater, which precludes the analysis of large volume samples. A progressive
filtering process using membranes with varying pore sizes is a time-saving technique.
Ref. [14] used a five-step filtering method using membranes of pore diameters of 20–25 µm,
2.5 µm, 0.45 µm and two times 0.1 µm for the size selection of PE NPs in face washes
(Figure 2), which reduced pore clogging to a certain degree. Given that many membrane
materials have a high capacity for adsorption of nanometrials [23], the adsorption of NPs
should also be considered. However, the filtering efficiency and recovery of NPs are seldom
investigated, which may impair the subsequent analysis’s accurate quantification of NPs.
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Commercially available membrane filters with pore diameters ranging from several
millimeters to 0.01 mm are made of various materials (e.g., aluminum oxide, ceramics, or
polycarbonate). It should be mentioned that the use of polymeric membranes may result in
contamination of the sample with plastic. Additionally, it should be remembered that the
size fraction included in the filtrate is often lower than the nominal pore size. Membrane
filters must be handled with extreme care to prevent harming the membrane and thus
compromising the size cut-off.

2.2. Ultrafiltration

Ultrafiltration is a technique which enables the pre-concentration, separation and
purification of NPs all in one step. Ultrafiltration utilizes nanoporous membranes with
a molecular weight cut-off of between 5 and 50 nm. They are used in stirred cells [11],
centrifugal fields [24], or cross-flow mode (also termed tangential flow) [25], in which the
suspension flow is cycled through a parallel membrane to prevent it from being blocked.
In this method, filtration is accomplished by applying pressure to the filtrate to aid in its
flow, thus expediting the process.

A hydrostatic force is applied to a nanoporous membrane, allowing particles to be
isolated from the solution [26]. Following ultrafiltration, a little amount of solvent is
maintained, which facilitates particle collection and significantly minimizes sample loss,
particle modification and aggregation. Researchers, such as [25,27,28], have used this
technique to investigate NPs (1.2 µm or less) from artificially generated nanoparticles in
aquatic environments. Ref. [11] concentrated 1 L of filtered seawater to 10 mL using an
8200-Amicon-stirred polysulfone 5 nm-based cell with a 100-fold enrichment factor while
studying NPs in the North Atlantic subtropical gyre. Additionally, crossflow ultrafiltration
is utilized to cleanse drinking water samples for the presence of NPs. Although repeatable,
the recovery of 50 nm PS spheres was very low (12.7%), indicating that the method’s
effectiveness may be increased with further tuning [25].



Processes 2021, 9, 2086 5 of 28

2.3. Ultra-Centrifugation

Ultracentrifugation (UC) is a technique that takes use of high centrifugal force to
investigate the characteristics of particles moving at very fast velocities. UC is enabled
by a centrifuge, which is powered by an electric motor around a fixed axis. Using the
sedimentation principle, a centrifuge operates by segregating substances according to their
density when they are affected by gravitational force (g-force) [29]. The current generation
of ultracentrifuges can spin at speeds of up to 150,000 rpm (equivalent to 106× g) [29].
For NPs, greater centrifugal forces in the region of 105× g will be needed to impact the
smaller plastic particles, which introduce the inherent problem of having densities near
to that of water. Although this technology is widely accessible and easy to use, it only
analyzes very small sample volumes, such as 10 to 100 mL, which limits its applicability
to environmental water samples. Without separating the particles, ultracentrifugation
collects all particles in the pellet, regardless of whether they are plastic or derived from
the inorganic ambient matrix. Additionally, strong centrifugal pressures or the tension
associated with redispersing the pellet may change the sample by forming aggregates or
causing damage to the plastic particles [28,30]. On the other hand, these drawbacks may
be irrelevant in an analytical procedure unaffected by sample morphology.

2.4. Solvent Evaporation

The solvent evaporation process from emulsion droplets is characterized by the re-
moval of the polymer solvent from droplets containing the previously produced polymer
(Figure 3). It is possible to create nanosized particles, despite the fact that the majority of
studies deal with the production of microparticles [15]. This is typically accomplished by
using ultrasonication to generate extremely tiny droplets, from which the solvent is evapo-
rated [31] and an aqueous solution is used as the continuous phase. Several non-aqueous
emulsions, including dimethylformamide-in-paraffin, dichoromethane-in-fluorinated sol-
vent for microparticles and inverse systems in which water serves as the solvent have
been described [32]. The technique is now extensively utilized to produce nanosized
particles from a diverse range of polymers, including but not limited to semiconducting
and biodegradable [33,34].
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Solvent evaporation, which was initially utilized for nanoparticle production, is
now being employed for NPs analysis. Mintenig [25] used this technique to analyze
secondary PET NP suspensions (about 100 nm in size) in water, which were produced by
laser ablation and then dissolved. They are widely accessible and easy to use, but some
have disadvantages such as size specificity and the potential to capture other undesirable
elements such as inorganic or organic material, among others. It is possible that this method
will be most effective when used to concentrate suspensions from dialysis or cross-flow UF
that are restricted in volume. This is due to the fact that this technology does not remove
dissolved particles and is ineffective when removing huge quantities of water.
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3. Sample Separation

Researchers have proposed methods for separating NPs in samples that were estab-
lished for engineered nanoparticles and have proved to be useful for environmental NPs
separation. These techniques are discussed in this section.

3.1. Asymmetric Flow Field Flow Fractionation (AF4)

Asymmetrical flow field flow fractionation (AF4) is a well-established and state-of-the-
art technique for fractionating and separating macromolecules and particles suspended in
a liquid. In situations when column chromatography is not appropriate for the analyte,
AF4 may be used in place of HPLC or SEC (discussed Sections 3.4 and 3.5). For liquid
separations of molecules up to 1000 kDa and nanoparticles up to 10 nm, HPLC or SEC
would be employed [15]. Once the size exceeds 10 nm, AF4 outperforms these techniques
in terms of resolution and recovery [7].

The operating mechanism of the AF4 is shown schematically in Figure 4. In the focus
stage (Figure 4a), two flows in opposing directions (fine blue arrows) are pushed into and
balanced at the injection port by pumping them in from the inlet and exit ports. A narrow
zone of focus is created by the two opposing flows of the focus stage, which concentrates the
samples injected during the focus stage. The heights reached by particles are proportional
to their diffusion coefficients. Particles with small hydrodynamic sizes and high diffusion
coefficients elute at an early time point in the normal mode’s elution stage (Figure 4b); on
the other hand, particles with large hydrodynamic sizes and low diffusion coefficients elute
later. However, when the physical size of a particle is too big (>1 µm), when compared
with the channel height, for it to be regarded a point mass, it elutes in the steric mode
(Figure 4c) [35]. Here, particles are attracted to the membrane nearly equally strongly, but
owing to their size, larger particles are subjected to greater laminar flow forces, leading
them to elute more quickly than smaller ones. The mode point is determined by a variety of
factors such as channel thickness, flow rate and cross-flow [36]. Due to the steric mode, this
increases the possibility of co-elution of tiny and big particles, jeopardizing the separation.
As a result, a separating step at the site of inversion, such as filtering, is recommended [25].
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in the channel as a result of their physical sizes (c). [35] Reproduced with permission from H. Zhang and D. Lyden, Nat.
Protoc.; published by Nature 2019.

AF4 has been applied in the study of NPs. Gigault et al. [4] reported an AF4 technique
designed for the rapid separation of primary NP PS beads with diameters ranging from
1 to 1000 nm. Loeschner and Correia [37] assessed a procedure for the characterization
of primary NPs particles (PS 100 nm) in a fish tissue sample using Proteinase K to break-



Processes 2021, 9, 2086 7 of 28

down the matrix and AF4 based technique to separate the sample. AF4 can be used in
tandem total organic carbon (TOC) (AF4-TOC) to enhance its efficiency, which was recently
demonstrated by Mowla [38]. Using a combination of multimodal PS NPs in the presence
of dissolved organic matter and clay colloids, they tested their approach. They came
to the conclusion that the AF4-TOC approach provides a more robust and size-resolved
quantification of NPs than other AF4 detection modalities, such as UV-Vis, refractive in-
dex and fluorescence tagging, which they compared. Mintenig [25] suggested the use of
AF4 and Py-GC-MS (Section 4.3.5) for the study of plastic particles smaller than 20 µm
and verified the setup using primary PS particles ranging in size from 50 nm to 1000 nm
suspended in drinking and surface water. In contrast, plastic particles in the environment
are produced as a result of a variety of stressors that fracture the particle and typically
oxidize the polymer [39], implying that the surface will be rough and negatively charged [5].
Techniques established for manufactured nanoparticles will need to be optimized for NPs
particles owing to their densities, which will require adjusting the dispersion medium, flow
rates and detector validation. Furthermore, validation must involve the identification of
concentration ranges in order to conduct quantification.

3.2. Magnetic Field Flow Fractionation (MFFF)

Magnetic field-flow fractionation (MFFF) is a technique that utilizes variations in
magnetic susceptibility to separate magnetic species [40]. In a nutshell, a magnetic force
operates on a particle, compelling it toward the accumulation wall; this force is resisted
by diffusion back into the flow stream, resulting in the formation of a steady-state particle
distribution of a particular height. The hydrodynamic forces then operate perpendicular to
the applied field, separating the components laterally.

MFFF exploits the magnetic characteristics of NPs as a result of their hydrophobicity,
by magnetizing a sample of nanoparticles (e.g., iron, Fe, or platinum Pt) and then separating
(magnetic extraction) and isolating them using magnetic fields [7]. NP particles are often
drawn perpendicular to the direction of the flow [41]. Particles that interact weakly with
the magnetic field have a high average layer thickness and elute more quickly; particles
that interact strongly with the magnetic field have a lower average layer thickness and elute
more slowly [7]. The method was applied in the study of [42]. They reported a recovery
rate of 78% for polyethylene (PE), polystyrene (PS), polyurethane (PUR), polyvinyl chloride
(PVC) and polypropylene (PP) from sediments. As a whole, the technique is very efficient
for particles with sizes ranging from 20 nm to 1 nm [7].

3.3. Electrophoresis

Electrophoresis is the movement of charged particles or atoms in an electric field.
This happens when the substances are in aqueous solution as well as in solid phase [43].
The speed of movement is subject to the applied electric field strength and the charges of
the atoms. Along these lines, differently charged atoms will frame singular zones while
they relocate [44]. Electrophoretic separation can occur through a gel (gel electrophoresis;
GE) or through a column containing an electrolyte solution (i.e., capillary electrophoresis;
CE). The separation method for NPs is based on the charges on their NP surfaces as they
travel through an electric field-induced media (gel or electrolyte solution). The velocity
of a particle is mostly determined by the intensity of the electrical field, the particle’s net
charge and the coefficient of friction (depended on size and mass of particle, compactness
and porosity of the medium). Generally, for CE, it is essential to carefully regulate the
surface charge using a surfactant [45]. These surfactants may, however, hinder further
characterization of the NP particles [15].

3.4. High-Performance Liquid Chromatography (HPLC)

HPLC is a method for isolating, identifying and quantifying the constituents of a
mixture. During the separation and analysis process, the sample mixture is introduced
to the stream of mobile phase that is percolating down the column in a discrete little
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quantity (typically microliters) [3]. Each of the sample components moves along the
column at a different pace, which is controlled by their physical interactions with the
adsorbent (also known as the stationary phase) (Figure 5). Each component’s velocity
is determined by its chemical composition, the stationary phase’s nature (column) and
the mobile phase’s composition. The retention time of a particular analyte is the time at
which it elutes (emerges from the column) [46]. Numerous column varieties are available,
each with a unique combination of adsorbents with variable particle sizes, porosity and
surface chemistry. Utilizing packing materials with smaller particle sizes demands a
greater operating pressure (“backpressure”), which generally enhances chromatographic
resolution (the degree of peak separation between consecutive analytes emerging from
the column) [47].
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Regular HPLC column and its narrow pore size made it difficult in determining
nanoparticles of 40 nm diameter. However, with special columns, this can be easily
achieved. Currently, HPLC are extensively utilized to characterize manufactured nanopar-
ticles with sizes ranging from 1 nm to 40 nm [48,49]. As a result, they may also be relevant
to the separation of NPs. In comparison to nanoparticles, NPs particles formed during
fragmentation are anticipated to have rougher surfaces, potentially increasing their contact
with the stationary phase. Another factor to consider is the density differential between
manufactured nanoparticles and natural nanoparticles, which requires the maintenance of
a stable suspension [50].

3.5. Size Exclusion Chromatography (SEC)

SEC is a type of HPLC that is mainly utilized for the study of big molecules, such
as polymers, rather than for smaller molecules. Adsorbents function by trapping smaller
molecules in their pores (“stationary phase”). SEC procedure is carried out inside a column,
which is generally comprised of a hollow tube densely packed with nano-scale polymer
beads with holes of varying diameters. These pores may be depressions on the surface of
the bead or channels running through it. As the solution moves down the column, particles
are drawn into the pores by diffusion. Larger particles are unable to penetrate as many
pores as smaller ones. The elution rate increases with the size of the particles [7]. The bigger
molecules just pass through the pores because they are too massive to fit through the pores
in the first place. As a result, larger molecules pass down the column more rapidly than
smaller ones, resulting in a retention period that is greater the smaller the molecule. The
SEC is effective for NPs within the range of 1 nm to 100 nm [51].

In real-world circumstances, particles in solution do not have a fixed size, which
increases the likelihood that a particle that would be harmed by a pore would pass directly
past it. Additionally, the particles in the stationary phase are not well defined; both
particles and pores may vary in size. The stationary phase may interact negatively with
a particle and affect retention durations, but column manufacturers take great effort to
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select innocuous stationary phases that minimize this problem [52]. As with other types of
chromatography, extending the length of the column improves resolution, while increasing
the diameter of the column increases column capacity. Proper column packing is critical
for achieving the highest possible resolution: It is possible that a column that is too tightly
packed may force the pores in the beads to rupture, resulting in a loss of resolution. The
percentage surface area of the stationary phase that is accessible to smaller species may be
reduced in a column that is not packed firmly enough, resulting in those species spending
less time trapped in pores. When compared to affinity chromatography, the presence of a
solvent head at the top of the column may substantially impair resolution by increasing
the width of the downstream elution zone [7].

3.6. Hydrodynamic Chromatography (HDC)

Hydrodynamic chromatography is like SEC, with the exception of the non-permeable
nature of the stationary phase; there are less conceivable outcomes of solid phase asso-
ciations. This method is effective for particle between 5 nm to 1200 nm. A robust size
characterization methodology for studying nanoparticle behavior in ‘real’ environmental
samples, using hydrodynamic chromatography coupled to ICP-MS [53].

4. Quantification and Identification Techniques

The final analytical process before the reporting of results includes the use of different
spectroscopic or spectrometric techniques for imaging, size determination, identification
and quantification.

4.1. Imaging (Microscopy) Techniques

Microscopy methods have existed for decades and are constantly being improved. The
discipline has had to develop as the samples examined have become smaller and smaller,
particularly since nanomaterials have made their way into a variety of fields of research.
Each microscopy method has benefits and drawbacks that make it better suited to certain
samples and research situations and in this section, the appropriateness of microscopy for
studying NPs is discussed.

4.1.1. Optical Microscopy

The optical microscope, often known as a light microscope, is a kind of microscope that
typically use visible light and a lens system to magnify tiny objects. Optical microscopes
are the most primitive kind of microscope, probably developed in its current compound
form in the 17th century. Although many sophisticated designs seek to increase resolution
and sample contrast, basic optical microscopes may be very simple. The item is staged and
seen directly via one or two of the microscope’s eyepieces.

Optical microscopes are excellent for examining items visible to the human eye in
greater detail, as well as micron-sized materials. They do, however, lack the capacity to
examine nanostructured materials in great detail, since their greatest magnification is only
1000x and their highest resolution is just 200 nm [54]. This is larger than the size of the
majority of nanomaterials and, although they may sometimes be seen with an optical
microscope, the various properties of the nanomaterial are not visible. There are several
adaptations being explored to reduce the resolution to the nanoscale region, one of which
is the inclusion of plasmonic gratings and using a smallest condenser aperture (i.e., using
low partial coherence) [55]. With early prototypes developed in an academic laboratory
achieving a resolution as low as 3 nm [55], optical microscopes may soon become a viable
method for nanoscale microscopy.

Studies on the quantification of NPs using optical microscopy are still in their infancy.
Chae [56] showed the use of optical microscopy with a fluorescence filter to investigate
PS-NPs in a four-species freshwater food chain using a fluorescent filter. The effects of
fluorescent PS NPs (100 nm) on trophic transfer, individual impact and embryonic uptake
in a freshwater environment were studied in this research via direct contact to the particles
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with four species, namely the alga (Chlamydomonas reinhardtii), water fea (Daphnia magna),
secondary-consumer fish (Oryzias sinensis) and end-consumer fish (Zacco temminckii). An-
other study by [57] utilized optical microscope to study PS NPs toxicity on green microalgae
Chlorella vulgaris. The findings of the research demonstrated that optical microscopy may
be used to track the transit of NPs ingested by organisms.

4.1.2. Fluorescence Microscopy

Unlike an optical microscope, which depends on the contrast of the picture created by
light reflecting off the sample, a fluorescence microscope gathers fluorescent emission from
materials stimulated at a particular wavelength. When the laser light strikes and excites
this material, it produces fluorescence light. Traditionally, the laser beams continuously
in the visible (blue) and ultraviolet (UV) ranges pass through a small hole (pinhole) and
focus on a specific spot on the sample to be examined. Due to the short wavelength, each
fluorophore molecule that is activated by a photon produces fluorescence in the focus
and the surrounding region. As the incoming photon must provide more energy, the
exciter laser’s wavelength must be 50–200 nm shorter than the light produced by the
fluorophore [58].

In the analysis for NPs using this technique, the NPs sample are either exposed to
a chemical that acts as fluorophore, e.g., Nile Red, to mark plastic particles, particularly
when tissues or organisms are analyzed [9,59], or target directly based on their intrinsic
capacity to emit fluorescence, especially for white and clear plastics Micro and Nanoplastics
Identification: Classic Methods and Innovative Detection Techniques [60].

Fluorescence microscopic technique has been used in the study of NPs (Figure 6) [61],
which applied the method to study polystyrene (PS) NPs of size 50 nm intake by the
T. japonicas copepod (Figure 6A). Another study conducted by [62] on an edible plant
lettuce using fluorescent markers investigated the uptake, distribution and migration of
two sizes of PS microbeads (200 and 1000 nm) in the plant (Figure 6B). These studies
showed the efficiency of using fluorescence microscopy mainly for particles within tissues.
However, the investigation of NPs’ evidence for biological membrane crossing has been
inconclusive thus far, as labeled NPs solutions may contain residual free dye that peels off
in an altered medium properties (i.e., pH, electrical conductivity, or salinity, etc.) and the
intensity of total fluorescence in cells following exposure can be mistakenly attributed to
the presence of nanoparticles when it is actually caused by free fluorophore [63]. Another
constraint on the visibility of NPs is the chemical additives employed in the manufacturing
process, which may affect the fluorescence characteristics as well. For instance, additives
may possess luminous characteristics and therefore obstruct microscopic fluorescence
measurements [64]. As a result, sufficient pretreatment is required to remove as many of
these contaminants as feasible. Typically, acids or oxidants (e.g., hydrogen peroxide) are
employed to clean the surface, followed by enzymatic digestion [7,9]. These pretreatments
remove surface impurities or pollutants, but do not eliminate the possibility of inferences
from the chemicals contained in NPs [60].

4.1.3. Transmission Electron Microscopy (TEM)

The electron microscope has an extremely high resolution that enables viewing of
materials with microscopic sizes due to the wave characteristics of electrons produced by a
very thin filament of thermoionic material or by a field emitter source for top-level TEMs.
The electrons are then introduced into the magnetic capacitor through a hole in the anode
(the capacitor has the purpose of regulating the intensity of the convergence of the electron
beam). Transmission electron microscopy (TEM) is the most often used method for charac-
terizing nanomaterials in electron microscopy, giving chemical information and pictures of
nanomaterials with a spatial resolution comparable to that of atomic dimensions [65].
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In nanoparticle research, conventional TEM is widely used to describe particle struc-
ture [66], to show the intracellular location of nanoparticles [67,68] and to define particle
morphology [69]. This method is now being extended to NP research. For example, [70] in-
vestigated the toxic effects of polystyrene NPs on the marine bacterium Halomonas alkaliphila
by using TEM. They were able to detect an increase in extracellular polymeric compounds
as potential bacterial defensive strategies. In another research, TEM characterization was
used to assess the potential impact of small plastics particles (PP, PE, PET and PVC) on
microalgae, including growth suppression and cell structural modification [71]. Wang [72]
monitored the exposure of marine microalgae Platymonas helgolandica exposed to 70 nm PS
NPs for 96 h using TEM, while [73], using the same PS NPs (20, 50 and 500 nm), evaluated
its toxicity to microalgae (Chlorella vulgaris).

Particles that are seen in TEM images, on the other hand, are often agglomerated
formations with diameters that are much more than 100 nm. As a result, excessively
low magnifications are used, which prevent the identification of particles in the range of
10–20 nm or even smaller from being possible. Furthermore, it is often overlooked that
NPs may occasionally be indistinguishable from cellular structures that are in the same
size range as the NPs. Electron lucent particles (for example, PS) may be confused with
spherical microvesicular structures, requiring visualization and quantitative analysis of
nanoparticles in the respiratory tract by transmission electron microscopy [74]. Therefore,
there is the possibility of technical bias being present, either as a result of cellular structures
being confused for NP or vice versa, and this is something to be cautious about. This bias
cannot be addressed by using just standard TEM techniques. For example, in Figure 7, in
A, five polystyrene NPs with a mean diameter of 78 nm are seen adjacent to an A549 cell,
also with a diameter of 78 nm. Once they have been taken up by the cells, they may take
on the look shown in B. It is very probable that the spherical structures in B (NP?) are not
NPs, but vesicular structures such as caveolae.
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Another disadvantage of TEM is the lengthy and complex sample preparation needed,
which includes fixation, dehydration, drying, embedding, trimming and cutting, and
heavy metal staining [75]. Centrifugation and cell fixation procedures have the potential to
change membrane characteristics, resulting in erroneous nanoparticle uptake [76]. Despite
its widespread usage in NPs research, conventional TEM should not be used as a single tool
for the qualitative or quantitative assessment of the cellular localization of NPs without
first doing a thorough case-by-case review. Therefore, it must be supplemented with tech-
niques that improve the identification of each NP regardless of its size, shape, or electron
transmissibility. Conventional TEM, on the other hand, is acceptable in its use because of
its capacity to identify possible impacts of nanoparticles on cellular ultrastructure as well
as to describe the structure of NPs.

4.1.4. Field Emission Scanning Electron Microscopy (FE-SEM)

Field emission scanning electron microscopy (FE-SEM) is a microscopic technique that
may be used to get information on the morphological surface structure of nanoparticles
in samples by generating high-resolution images in the range of 10–300,000× [77] of
the surface state. Due to its greater resolution, FE-SEM is often employed when SEM
characterization of a given sample does not provide a clear or acceptable morphology. The
spatial resolution of the FE-SEM is <1 nm and it offers a number of additional benefits,
including much better performance at low accelerating voltages [75]. These characteristics
of FE-SEM have enabled the development of novel methods for studying NPs, based on
high resolution images previously only available through TEM. For example, ref. [78] used
the FE-SEM to study small MPs (100 nm) in sediment samples collected in the Northern
coast of the Persian Gulf, while ref. [57] utilized it to study PS NPs toxicity on green
microalgae Chlorella vulgaris. These studies showed that the method enables the acquisition
of high-quality and high-magnification pictures without the need for additional sample
preparation prior to observation. Furthermore, it is a simple and rapid method since
no metal or carbon is required to cover the sample; instead, small particle pieces are
immediately put on the carbon tape on the aluminum stub. However, in general, FE-SEM
may be used to quantify NPs in the range of 15 nm to 100 nm [79].

4.1.5. Scanning Probe Microscopy (SPM)

Scanning probe microscopy (SPM) is a kind of microscopy in which pictures of sur-
faces are created by scanning the specimen with a physical probe. Scanning Probe Mi-
croscopy (SPM) techniques such as Scanning Tunnelling Microscopy (STM), Scanning
Force Microscopy (SFM), Magnetic force microscopy (MFM) and Atomic Force Microscopy
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(AFM) have demonstrated exceptional performance in resolving structures with sub-
nanometer details, the shape of a nanostructure, its surface topography and its local
electric properties [8,60].

Numerous scanning probe microscopes are capable of concurrently imaging several
interactions. The way in which these interactions are used to generate a picture is referred
to as a mode. Table 1 summarizes the most frequently used SPM imaging modalities
for nanoparticle characterization. Although resolution varies somewhat across meth-
ods, certain probing techniques achieve an amazing atomic resolution. This is mainly
because piezoelectric actuators can perform movements with atomic precision or better
when controlled electronically. This method family is referred to as piezoelectric tech-
niques [80]. The second common denominator is that the data is usually acquired in the
form of a two-dimensional grid of data points, which is then displayed in false color as a
computer picture.

Table 1. Most common SPM imaging modes applied for characterizing nanoparticles.

SPM Mode Probe Type Parameters Measured

Contact mode and
frictional force AFM Silicon, silicon nitride Surface profiles, morphology, height

changes, frictional forces
Tapping mode AFM and

phase imaging Silicon, silicon nitride Surface profiles, morphology, height
changes, elastic response

STM Metal wire Surface profiles, morphology, changes in sample currents

MFM AFM probe with a
magnetic coating Surface profiles, morphology, relatively long-range magnetic forces

Magnetic sample
modulation (MSM) AFM Silicon, silicon nitride Surface profiles, morphology, magnetic response induced for individual

nanoparticles, changes in vibration amplitude and frequency

The resolution of the microscopes is not restricted by diffraction, but rather by the
volume of the probe-sample interaction (i.e., the point spread function), which may be as
tiny as a few picometres. As a result, the capacity to detect tiny local variations in object
height (such as 135 picometre steps) is unmatched. Laterally, the probe-sample contact is
limited to the interaction’s tip atom or atoms. The interaction may be utilized to manipulate
the sample in order to generate microstructures (Scanning probe lithography). Unlike
electron microscopy, scanning probe lithography does not need a partial vacuum; instead,
specimens may be viewed in ambient air or immersed in a liquid reaction tank [81].

Despite their many benefits, SPM methods as stand-alone tools have certain limita-
tions: Not only are they incapable of performing atomic or molecular identification, but
they also usually provide little or no chemical information. It is sometimes difficult to
identify the precise geometry of the scanning tip. Its impact on the resultant data is most ap-
parent when the specimen’s height changes significantly across lateral distances of less than
10 nm. Due to the scanning process, scanning methods are typically slower in acquiring
pictures. As a consequence, significant efforts are being undertaken to increase the scanning
rate for chemical analysis at the nanoscale [82,83], indicating that these techniques have
a great deal of promise in the area of nanoparticle research. AFM is one of the nanoscale
methods available. The benefit of utilizing AFM over other microscopy techniques such as
scanning tunneling or electron microscopy is that samples do not have to be conductive;
both conducting and insulating nanomaterials may be examined without modification.
Furthermore, AFM may be used to produce excellent views of samples in both air and
liquid media without the need for a vacuum chamber, which is another benefit. While the
contact mode and tapping mode are the most often used imaging modes for AFM, there
are a variety of additional modes that need particular changes to the instrument setup [80].

AFM has been widely utilized to characterize a variety of nanoscale materials, rang-
ing from manufactured nanoparticles to soil particles, polymeric membranes and other
nanostructures [60]. Thus, AFM is a potential approach for characterizing NPs, but it must
be used in conjunction with other methods.
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4.2. Size Determination Techniques
4.2.1. Dynamic Light Scattering (DLS)

Dynamic light scattering (DLS) is a method for determining the size distribution
profile of tiny particles or polymers suspended in solution. Temporal fluctuations are often
studied using the intensity or photon autocorrelation function in the context of DLS (also
known as photon correlation spectroscopy or quasi-elastic light scattering).

The framework of the DLS method is presented in Figure 8. If a nanoparticle sus-
pension is exposed to a light beam (electromagnetic wave) during the DLS measurement,
a process called scattering occurs, which causes the direction and intensity of incoming
light to alter when the particle impinges on the light beam [85]. Due to the fact that the
nanoparticle is in continuous random motion as a result of their kinetic energy, the change
in intensity with time includes information about that random motion and may be utilized
to determine the particles’ diffusion coefficient [86]. For spherical particles, the hydrody-
namic radius of the particle RH may be determined using the Stokes–Einstein equation,
i.e.,

Df = kBT/6πηRH . . . . . . (1)

where kB = Boltzmann constant, T = suspension’s temperature, η = surrounding media’s vis-
cosity. The hydrodynamic radius is the diameter of a sphere with the same diffusion coeffi-
cient as the particles being measured when it is placed in the same viscous environment [84,87].
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DLS offers a number of benefits for sizing nanoparticles and has been extensively
utilized to estimate the hydrodynamic size of a variety of NPs. Ref. [88] was able to
determine the size of PMMA NPs in solution to be 59–85 nm using the DLS method. DLS
measurement takes just a few seconds and is nearly entirely automated, which means the
whole process is less labor intensive and does not need significant expertise. Additionally,
this method is non-invasive, and the sample may be reused after the assessment, a property
that is critical for recycling NPs. Since the strength of scattering is exactly related to the
sixth power of the particle radius, this method is very sensitive to the existence of tiny
aggregates [87]. As a result, even with the occurrence of restricted aggregation events,
erroneous measurement may be successfully avoided.

4.2.2. Multiangle Light Scattering (MALS)

Multiangle light scattering (MALS) is a method for determining the angle of light
dispersed by a particle. By observing how particle scatter light, it is possible to determine
both the absolute molar mass and the average size of the particle in solution. The method
is most often employed with collimated light from a laser source, in which case it is
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referred to as multiangle laser light scattering (MALLS) [89]. MALS is frequently used
in conjunction with size fractionation techniques such as SEC or field-flow fractionation
(FFF), which enables direct determination of the average molar mass and root mean-
square radius of each eluted fraction without calibration against standards or making
assumptions about polymer shape [90]. This method was recently used in studying the
size of nanoparticles [91], therefore suggests that it can be used in the study of NPs.

4.2.3. Laser Diffraction (LD)

In laser diffraction analysis (LDA), also known as laser diffraction spectroscopy, the
diffraction patterns of a laser beam passed through any object with diameters ranging from
nanometers to millimeters are measured in order to determine the geometrical dimensions
of a particle in a relatively short period of time. Neither the volumetric flow rate nor the
amount of particles flowing through a surface over time have any effect on this process [92].

A preferable technique for determining particle size and distribution across a broader
range of particle sizes (20 nm–2000 nm) is the use of laser desorption (LD) [93]. For particle
size measurement, it may be used in conjunction with the DLS. Using the Mie theory, it
is possible to compute the equivalent sphere diameter of particles. In order to determine
particle size, it is necessary to take into consideration the fact that smaller particles scatter
the laser beam at wide angles, whereas bigger particles scatter light at smaller angles.
Particle sizes of less than one micron are measured using blue lasers, whereas particle sizes
of more than one micron are measured with red lasers [94].

4.2.4. Nanoparticle Tracking Analysis (NTA)

Nanoparticle Tracking Analysis (NTA) is a technique for viewing and studying parti-
cles in liquids that correlates the rate of Brownian motion with particle size. The velocity of
the liquid is determined only by its viscosity and temperature; it is unaffected by particle
density or refractive index. NTA is presently capable of processing particles with a diameter
of about 10 to 1000 nm, depending on the kind of particle [44]. Only particles comprised of
materials with a high refractive index, may be analyzed at the low end of this spectrum.

The method is combined with an ultramicroscope and a laser illumination device to
view tiny particles in liquid suspension moving in Brownian motion. A charge-coupled
device (CCD) camera captures the light dispersed by the particles across a series of frames.
The motion of each particle between frames is then tracked using computer software. The
rate of particle motion is proportional to the Stokes–Einstein equivalent hydrodynamic
radius of a sphere (see Equation (1)) [95] just as in DLS. Unlike DLS, which is based on
a digital correlator, NTA is based on video clips, allowing for precise characterization of
real-time processes such as aggregation and dissolution [96]. Sizing and phenotyping
of cellular vesicles using nanoparticle tracking analysis. Overall, sample preparation is
minimal, which reduces the amount of time needed to process each sample.

4.3. Chemical Identification and Characterization
4.3.1. Field Emission Scanning Electron Microscopy with Energy Dispersive X-ray
(FESEM-EDX)

If combined with energy dispersive X-ray (EDX) microanalysis and backscattered
electron imaging (BEI), FE-SEM may serve as an excellent analytical method for defining
and visualizing the elemental composition of the NPs particle, as shown in Figure 9. EDX is
a technique that relies on the interaction of an X-ray source and a specimen. Its capacity to
characterize elements is due in large part to the fundamental idea that each element has a
unique atomic structure, which results in a distinct collection of peaks on its electromagnetic
emission spectrum when seen from different angles [97,98]. FE-SEM coupled with EDX
was used in the study of [78] and a typical result is presented in Figure 9.
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4.3.2. Nano-Raman Spectroscopy

The scattering of light at a molecule includes information about the molecular vibra-
tion and this scattering phenomenon is referred to as Raman scattering. Raman scattering
spectroscopy has been extensively utilized to analyze molecules and crystal lattices.

Tip-enhanced Raman spectroscopy (TERS) is a technique that combines Raman spec-
troscopy with a fine metallic tip that may be used to probe extremely near to the sample
surfaces. Nanoscale spatial resolutions are possible because of the extremely confined
and substantially increased optical field produced by the tip apex in close proximity to
the tip [99]. The term “nano-Raman Spectroscopy” refers to Raman spectroscopy with
nanoscale resolution.

TERS employs an AFM or STM to scan a plasmonic metal nanostructure over a sample
surface in order to increase the electromagnetic field locally [100]. The enhanced electro-
magnetic field is the result of a combination of two distinct physical effects: the “lightning
rod” effect, which is caused by the geometric singularity associated with sharply pointed
metal structures, and the LSPs (Localized Surface Plasmons), which are strongly dependent
on the excitation wavelength and are geometry-dependent. The laser excitation light is
directed onto the very tip of the sharp metal tip, which is maintained in close proximity to
the nanoparticle surface. LSPs are stimulated at the apex of the tip or in the cavity between
the tip and the material, and only the molecules directly under the tip in the increased
field exhibit strong Raman scattering. The tip functions as an amplifier for incoming and
outgoing electromagnetic waves, allowing for very strong Raman scattering [99].

TERS has been utilized in a variety of applications, including material characterization,
cell identification and device characterization. Zhu [101] showed that by detecting a double
band, strained Si lines with a width of 10 nm may be resolved. Ref. [102] imaged individual
nanoparticles using nano-Raman spectroscopy. Nowadays, TERS systems are available in a
variety of configurations, including bottom-, top- and side-illumination, as well as parabolic
mirror-based setups that enable sensitive chemical analysis with spatial resolutions of
approximately 30 to 50 nm and in some cases as low as l.7 nm [8]. TERS has the potential to
provide nanoscale resolved chemical information on NPs particles, but as of now, only one
study has reported on the TERS analysis of a 20 nm NPs made of PS and polyisoprene, PI
blends [103]. This study suggested that the applicability of this very promising technique
in the field of NPs, which remains unexplored.

Using optical tweezers, NPs was studied directly in aqueous media. The optical tweez-
ers keep the particles in the focus of the laser beam, allowing for spectroscopic identification
to be accomplished. For the trapping and chemical identification of nanoparticles, [104]
recently demonstrated the applicability of a method combining optical tweezers with
Raman spectroscopy by investigating the behavior of plastic particles (PE, PP and PS),
polyester fibers (PET), polyvinyl chloride (PVC), polymethyl methacrylate (PMMA) and
polyamide 6 (PA 6) distributed in seawater using excitation lasers at 633 and 785 nm. The
authors were able to distinguish clearly between plastics and organic materials as well as
mineral sediments, as well as determine the size and form of NMPs (beads, pieces and
fibers), with spatial resolution only limited by diffraction, as a result of their single particle
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analysis. It was shown that the technique works on both model particles and naturally
aged environmental samples, indicating that it has promise for use in the characterization
of actual samples [104].

4.3.3. Atomic Force Microscopy-Infrared (AFM-IR)

AFM-IR (atomic force microscope-infrared spectroscopy, or infrared nanospectroscopy)
is one of a series of methods that evolved from the merging of two parent instrumental
techniques. AFM-IR blends infrared spectroscopy’s chemical analysis capability with the
high spatial resolution of SPM [105]. The name was originally used to refer to a technique
that coupled a tunable free electron laser with an atomic force microscope (AFM, a kind of
SPM) equipped with a sharp probe that detected the infrared light absorption by a material
with nanoscale spatial precision [106,107].

Initially, the method required that the sample be placed on an infrared-transparent
prism and had a thickness of less than 1 µm [108]. This pioneering configuration increased
the spatial resolution and sensitivity of photothermal AFM-based methods from microns
to about 100 nm [109]. Then, with the advent of contemporary pulsed optical parametric
oscillators and quantum cascade lasers, along with top illumination, it became possible
to examine samples on any substrate with increased sensitivity and spatial resolution.
As a result of recent advances, AFM-IR has been demonstrated to be capable of acquir-
ing chemical maps and nanoscale resolved spectra at the single-molecule level with a
diameter of approximately 10 nm [105,110]. AFM-IR produces an infrared absorption
spectrum by measuring the quantity of infrared absorption as a function of wavelength
or wavenumber. This spectrum may be used to chemically analyze and even identify
unknown materials [111]. By measuring infrared absorption as a function of location,
chemical composition maps may be created that depict the geographical distribution of
various chemical components [112].

AFM-IR techniques are now being used to study NPs [113]. Analyzed PE and PS
nanowires deposited in complete internal reflection mode on the IR-transparent ZnSe
prism and obtained a spatial resolution of more than 100 nm [114]. Used ATM-IR to study
PLA NPs (<200 nm) directly within a cell without labeling and a typical result is presented
in Figure 10. Figure 10 illustrates the technique’s potential to an excellent degree. This
technique allowed us to photograph the whole cell (Figure 10a), to identify a region of
interest within the 1770 cm−1 chemical map (Figure 10b) and to conduct a spectral analysis
on a small portion of the image (Figure 10c,d; region indicated with the yellow dashed circle
in Figure 10b). They concluded that AFM-IR may be a valuable technique for determining
the fate of individual unlabeled NPs particles inside cells.
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Syst. Charact.; published by Wiley-VCH, 2018.

4.3.4. Nanoscale Fourier Transform Infrared Spectroscopy (Nano-FTIR)

Nano-FTIR, also known as scattering-type scanning near-field optical spectroscopy
(s-SNOM), is a scanning probe method that may be thought of as a mixture of two tech-
niques: FTIR and s-SNOM. As with s-SNOM, nano-FTIR is based on AFM, in which a
sharp tip is lit by an external light source and the tip-scattered light (usually back-scattered)
is measured in response to the tip location. Thus, a typical nano-FTIR setup comprises of
an AFM, a broadband infrared light source used to illuminate the tip and a Michelson inter-
ferometer serving as the Fourier transform spectrometer [115]. The nano-FTIR technique
enables the determination of surfaces’ broadband infrared absorption spectra with spatial
resolutions as low as 10 to 20 nm [116].

The sample stage is positioned in one of the interferometer arms of nano-FTIR, al-
lowing for the simultaneous recording of the amplitude and phase of the observed light
(unlike conventional FTIR that normally does not yield phase information). Scanning the
tip enables hyperspectral imaging (full spectrum at each pixel in the scanned region) with
nanoscale spatial resolution defined by the size of the tip apex. The use of broadband
infrared sources allows the collection of continuous spectra, a characteristic of nano-FTIR
that distinguishes it from s-SNOM. It has been shown that a single molecule compound
may be detected [117] and that a single monolayer can be detected [118]. The recording of
infrared spectra as a function of location may be utilized to map the chemical composition
of a sample on a nanoscale [119], performing ultrafast infrared spectroscopy on a small
scale [120] and studying nanoscale intermolecular coupling [121].

Nano-FTIR has been used for a variety of applications, including the chemical iden-
tification of polymers [116,122,123] and nanocomposites [124], onsite characterization of
organic thin films, characterization of strain and relaxation in crystalline materials [125],
and high-resolution spatial mapping of catalytic reactions [126]. For NPs, [122] studied
spherical beads of PMMA with diameter of 30–70 nm on Au-covered Si. Similarly, [116]
showed that PMMA NPs samples of diameter 20 nm may be chemically analyzed by
Nano-FTIR. Ref. [123] recently shown the applicability of a library-based search for the
identification of various polymers identified by nano-FTIR utilizing commercial and open
source analytic tools (siMPle). It was discovered that this technique can properly identify
polymer samples that have weathered in the environment without previous cleaning,



Processes 2021, 9, 2086 19 of 28

opening up a broad range of applications for the identification and characterization of
different polymer materials [8].

4.3.5. Pyrolysis-Gas ChromatographyMass Spectrometry (Pyr-GC/MS)

Pyrolysis-gas chromatography-mass spectrometry is a technique for chemical analysis
in which a sample is heated to breakdown, resulting in the formation of smaller molecules
that are separated and identified using gas chromatography and mass spectrometry [9].
Recently, NPs of less than 1 nm in size, referred to as plastics, were discovered in bulk
samples from the North Atlantic Subtropical Gyre and identified using Pyr-GC/MS and
statistical methods [11]. A cloud-point extraction (CPE) method based on the triton X-45
(TX-45) was used by Zhou [127] to preconcentrate trace NPs in ambient water. Then,
Pyr-GC/MS was used to identify the NPs as PS and PMMA, without altering their original
shape and sizes [128]. Davranche [128] applied Pyr-GC/MS on sand water extracts from
coast exposed to the North Atlantic Gyre to identify the PS and PVC NPs in the sample.
However, because of the low concentrations of NPs in comparison to the OM, there are
challenges in using this technique [129]. Ref. [129] identified PP and PS by Py-GC/MS
and investigated potential interferences with environmental matrices by spiking NPs in
different organic matter suspensions (e.g., algae, soil natural organic matter and soil humic
acid). Depending on the nature of the polymers and the amount of OM present, two distinct
and complimentary methods were devised. While PP NPs may be detected immediately
in complicated material, PS NPs need a preparatory treatment (via the use of H2O2 and
ultraviolet radiation) before they can be discovered. The suggested methods offer up new
opportunities for the detection and identification of NPs in environmental matrices such as
soil, dust and biota, as well as in biological samples.

4.3.6. Thermal Desorption–Gas Chromatography–Mass Spectrometry (TD-GC/MS)

Thermal desorption (TD) is a method in which materials are heated in order to cause
adsorbed chemicals to be released as volatile molecules [2]. Thermal desorption analysis
necessitates the direct entrance of a tiny quantity of a sample into a sample tube without
the need for any pre-treatment, as well as the use of an inert carrier gas to pass through
the volatile sample components and into a cooled trap. The trap is then quickly heated in
order to desorb the concentrated volatile chemicals onto a gas chromatographic column,
where they may be separated and identified using mass spectrometry once they have
been detected and identified [130]. When used in conjunction with a fully automated
system, the thermal desorption–gas chromatography–mass spectrometry (TD-GC/MS)
method may offer consistent and reliable screening of challenging samples such as food,
beverages, soil samples, or cosmetics samples. The method has been applied in the study
small MPs [130,131].

TD-GC/MS can be combined with Pyr-GC/MS (i.e., TD-GC/MS + Pyr-GC/MS =
TD-Pyr-GC/MS) and be used for NPs analysis. In this method, adsorbed chemicals are
first desorbed from the particle by TD and then the polymer is broken by pyrolysis. Both
particle treatment methods are connected directly to the same GC-MS equipment, which
analyzes desorbed molecules and pyrolysis products, respectively (Figure 11). With this
technique, it is possible to identify both the sorbed organic compounds as well as the kind
of polymer in a single analytical setting [132]. Recently applied this method for evaluating
PS NPs (78 nm) exposed to trace organic chemicals (phenanthrene, α-cypermethrin and
triclosan). The resultant chromatograms and pyrograms of the different polymers were
separated based on the distinctive pieces of the polymer in question. Figure 12 shows
instances of PS chromatograms and pyrograms as illustrations. For the di- and trimer in TD
(Figure 12a) and Pyr (Figure 12b), they were retrieved from the corresponding structures.
The pyrogram shown in Figure 12a shows that PS NP particles (78 nm) are already broken
into the di- and trimer phases in the TD, indicating that they are already in the process of
fragmentation. In Figure 12b, the pyrogram is shown in comparison to the di- and trimer
of the PS NP particle, respectively.
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permission from Reichel et al., Molecule; published by MDPI, 2020.
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Processes 2021, 9, 2086 21 of 28

4.3.7. Thermal Extraction Desorption Gas Chromatography Mass Spectrometry
(TED-GC/MS)

The TED-GC-MS technique is based on thermal extraction/pyrolysis of the material
on the TGA balance within the TGA furnace, followed by solid phase extraction of compli-
cated volatile hydrocarbons released at elevated temperatures [133,134]. The solid-phase
adsorber is then transported to the TD-GC/MS analytical instrument in the second stage.
The polymer breakdown markers are thermally desorbed in the introduction system and
evaluated by GC/MS for polymer identification and (semi)-quantification. It is possible to
analyze bigger samples (15 to 25 mg or more) using TED-GC/MS, resulting in a more rep-
resentative sample and reducing or eliminating the need to collect repeated samples [135].

This method is now being developed for NPs analysis in complex environmental
samples [136,137], but has not been applied to real-life samples. When it comes to automa-
tion and improved sample throughput without the need for an extra sample preparation
step, TED-GC/MS excels. It may also be used to perform repeatable automated analysis
of polymer breakdown processes [135]. Another benefit of TED-GC/MS is its capacity
to identify particles of various sizes in the sample, as long as the limit of detection is not
surpassed by the instrument [136]. The major disadvantages of utilizing TED-GC-MS are
comparable to those of using Pyr-GC/MS, with a focus on the complicated data interpreta-
tion, expensive and time-consuming technique development and the lack of the ability to
do particle-by-particle analysis on the samples [135].

4.3.8. Thermal Desorption-Proton Transfer Reaction-Mass Spectrometry (TD-PTR-MS)

Mass spectrometry with proton transfer reaction (PTR-MS) is an analytical chemistry
method that utilizes gas phase hydronium reagent ions that are generated in an ion source
to determine the composition of a sample [138]. Drift tubes are directly linked to an ion
source in a PTR-MS apparatus, which allows for faster analysis. PTR-MS equipment that is
commercially available has a reaction time of about 100 ms and achieves a detection limit in
the single digit pptv or even ppqv range [138]. This technique is widely used in the analysis
of various complex organic mixtures in the environment [139,140]. The combination of
high sensitivity and excellent mass resolution of the TD-PTR-MS technique is a unique
strength of the technology [141]. Whereas the latter enables for chemical identification of
compounds down to the level of their chemical formula, high sensitivity gives quantitative
information on low-concentrated organics. Furthermore, since the sample quantities
needed are modest, this technique is well suited for high-throughput testing. One study
recently applied TD-PTR/MS in the analysis of PET and PVC NPs in snow samples [12].
As a result, they concluded that the method’s high sensitivity represents a significant
advance in the area, bridging the methodological gap between chemical characterization
and quantification at the nanogram scale.

In spite of this, numerous unknowns remain as a result of the absence of NPs standards
of various kinds and sizes. Due to this, it is still necessary to provide a comprehensive
description of the loss during filtering, the weathering impact of NPs, oxidation changes
and degrading procedures. Further research is required to combine the accuracy of this sen-
sitive chemical characterization method with a technique that would provide information
about the size and shape of the particles, allowing for a more comprehensive evaluation of
the potential damage of nanoparticles (NPs) in the environment [12].

4.3.9. Matrix-Assisted Laser Desorption/Ionization-Time of Flight Mass Spectrometry
(MALDI-TOF MS)

MALDI-TOF MS is a potent identification method for the ionization and detection
of intact molecules with large molecular weights [142]. It is made up of three critical
components: ionization, duration of flight (separation) and detection [143]. Pipette the
samples onto a stainless-steel sample plate, which is then evaporated and ionized to
produce the ionization components. The charged analytes are then separated at various
voltages and identified using mass spectrometry based on their mass to charge ratio (m/z).
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With advantages such as ease of use, high sensitivity, high throughput and reproducible
results, the MALDI-TOF MS method has gained increasing attention for the analysis of
emerging pollutants in environmental and biological samples [144], and more recently, for
the detection of NPs in environmental samples [143,144]. Wu [143] applied this method
in analyzing PS and PET particles in the range of 200 to 400 nm. The polymers were
soft ionized and then taken away by the vaporized matrix as a result of the laser energy
absorption. They are introduced into the TOF and separated according to their m/z. Finally,
the MS findings may be retrieved for additional examination, including the repeating
unit mass, end groups and molecular formula, which are crucial for identifying NPs,
particularly those that have undergone aging or degradation processes. Lin [144] using a
thermally enhanced MALDI-TOF MS was able to analyze particles less than 100 nm. The
protocol for this method is presented in Figure 13. However, there are limitations to the
technique’s ability to provide the NPs’ distribution, size and shape.
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5. Conclusions and Future Perspectives

Humans have increased their production and usage of plastic in recent decades, to the
point that it has become the most damaging humanmade waste in the environment to date.
However, knowledge on the existence of NPs in various environmental matrices, such as
their impact on human health and rapid monitoring, is lacking. We discussed the various
methods for detecting and characterizing NPs in environmental samples in this review,
emphasizing their benefits and disadvantages. The method/combination of techniques
used must be carefully assessed in relation to the research topic being addressed. At the
moment, there is no one-size-fits-all technique for identifying and characterizing samples.
To this aim, we suggest mixing several methods in order to maximize each technique’s
particular benefits. For instance, correlative microscopy methods may be used to combine
the chemical specificity of spectroscopic techniques with the high resolution of electron
microscopy. Examining different areas may be beneficial in developing approaches that
include a variety of methodologies. Nanoscale separations and analysis, for example, are
common in areas such as cellular and molecular biology. Borrowing methodological ideas
from these areas may aid in the creation of novel methods to address unresolved issues in
NPs research.

To close the existing knowledge gaps, additional research is urgently needed, with
a particular emphasis on: (1) careful optimization of sample collection and preparation
strategies; and (2) development and optimization of MS-based analytical methods to
increase their capabilities and decrease their size detection limits. While further study
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in this area is undoubtedly necessary, the current knowledge in NPs sample techniques
and recent advances in MS-based analytical approaches offer tremendous promise for
proper characterization. However, some of the techniques (used from sample preparation
to analysis) involves thermal or combustion processes, which may result in the release
of certain pollutants. As a result, some NP methods are not especially “sustainable” or
“green”. This may be because NP detection in environmental samples is a relatively new
development, many techniques are still in their infancy, there is a worldwide lack of
standardization and many efficiency issues and implementation is still a work in progress.
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