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Abstract

:

During the last decades, there has been a huge consumer concern about animal proteins that has led to their replacement with plant proteins. Most of those proteins exhibit emulsifying properties; thus, the food industry begins their extensive use in various food matrices. In the present study, pea and soy protein isolates (PPI and SPI) were tested as potential candidates for stabilizing food emulsions to encapsulate α-tocopherol and squalene. More specifically, PPI and SPI particles were formulated using the pH modification method. Following, emulsions were prepared using high-shear homogenization and were observed at both a microscopic and macroscopic level. Furthermore, the adsorption of the proteins was measured using the bicinchoninic acid protein assay. The emulsions’ droplet size as well as their antioxidant capacity were also evaluated. It was found that the droplet diameter of the SPI-based emulsions was 60.0 μm, while the PPI ones had a relatively smaller diameter of approximately 57.9 μm. In the presence of the bioactives, both emulsions showed scavenging activity of the 2,20-Azinobis-(3-ethylbenzothiazoline-6-sulphonate) radical cation (ABTS·+) and 2,2-diphenyl-1-picrylhydrazyl (DPPH) radicals, with the ones loaded with α-tocopherol having the greatest antioxidant capacity. Overall, the proposed systems are very good candidates in different food matrices, with applications ranging from vegan milks and soups to meat alternative products.
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1. Introduction


The modern food industry is facing an increasing demand for healthier and more sustainable food options. As the human population grows, the production of processed foods from animal sources is increasing. Unfortunately, this type of diet often contains saturated fats and results in diet-related diseases, such as obesity and diabetes [1,2], or has led to the outbreak of infectious diseases and antibiotic resistance [3]. Moreover, the increased demand for animal products, such as milk, eggs, and meat, has a huge effect on the environment and raises many ethical issues concerning animal welfare [4]. According to the suggestions of the EAT-Lancet commission, there should be a significant decrease on the consumption of animal-derived products by 2030 [5]. For the specific case of dairy products, allergies as well as lactose intolerance have led consumers to search for healthier alternatives. The commercial milk-alternative products based on coconut, soy, almond, and other sources are poorly accepted by the consumers due to the differences in quality, organoleptic characteristics, and functional attributes, such as stability, creaming, undercooking, etc. [6]. Most of the plant proteins currently used in the food industry are derived from wheat or soybeans. Nevertheless, due to the allergenicity of both ingredients and consumer demand for alternative options, there is an increasing interest in the use of proteins from peas, faba beans, rice, and other plants. Even though soybean may face some challenges since it is listed as a food allergen [7], it remains one of the most promising plant proteins in terms of stability and functionality. More specifically, soybean proteins have shown important functional properties such as emulsifying, wetting, and/or gelling [8]. Pea protein has also been found to show important properties when used in food matrices [9]. These important properties have made soybean and pea proteins acceptable as alternatives to animal proteins in the food industry, especially in products such as plant-based milks or even meat-analog products [10,11].



Among the technological strategies used to design and develop these novel products are those based on structural modifications of food systems. This could be accomplished by changes in the pH, temperature, solubility, and other parameters to improve the texture and mouthfeel of the end product. Emulsions are systems widely used for the development of food products. However, in the past decades, one specific type of emulsion has received increasing interest, namely particle-stabilized emulsions. Ramsden and Pickering were the first to study the interfacial phenomena taking place in these emulsions, and independently observed that solid particles were able to stabilize the interface between two immiscible liquids [12,13]. Particle stabilized emulsions have the great benefit of being surfactant-free, and functional particles with high nutritional value, such as proteins, lipids, polysaccharides, etc., can be used as stabilizers [14]. The peculiarity of these types of emulsions is that the particles used are partially wettable, both by the water and the oil phases, and they are adsorbed at the oil-water interphase, forming a steric barrier, that prevents oil and water from coming into contact, thus stabilizing the emulsion droplets [15,16]. In this respect, protein-based emulsions have been proposed as versatile systems with tunable characteristics [17,18] that could act as good candidates for food applications.



These systems also have the ability to entrap bioactives with different solubilities, giving the final product health benefits. Such valuable bioactive compounds are α-tocopherol, widely known as vitamin E, and squalene. α-tocopherol is a plant-derived, lipid-soluble essential micronutrient and has been used in various fields, including pharmaceutics, cosmetics, and foods [19,20,21,22]. α-tocopherol has been found to play an important role in the maintenance of good health as well as the prevention and/or treatment of some diseases and disorders. The recommended daily intake is 15 mg (22.4 IU, International Unit) for adults [23]. Multiple functions of α-tocopherol have been reported, including antioxidant activity by scavenging free radicals, membrane stabilization by forming complexes with destabilizing molecules, regulation of enzyme activity, and prevention of diseases, including neurological disorders, cardiovascular diseases, and age-related skin damage [24,25,26]. Among these functions, the role of α-tocopherol as an antioxidant against free radicals has been unequivocally demonstrated and it appears that this is the most important function of α-tocopherol. α-tocopherol also inhibits air oxidation of foods and oils, expanding their shelf- life [27,28]. Squalene is a natural triterpene, and a lipid that acts as a precursor to the biosynthesis of sterols, including cholesterol. It is widely found in nature, and especially in vegetable oils, such as olive oil. Squalene has several beneficial properties. It is a natural antioxidant, serves in skin hydration, and has been used as an emollient in vaccines [29,30,31]. As a compound of olive oil, it has also been studied for anticancer and cardio-protective properties, while it decreases the cholesterol level [32,33,34]. In countries around the Mediterranean Sea, a high squalene consumption was observed (200–400 mg per day) through the intensive use of olive oil. Since squalene is not approved by the FDA for treating any conditions, there is no official dose. Users and supplement manufacturers have established unofficial doses based on trial and error. The average intake of squalene is estimated to be around 30 mg per day [35]. However, when olive oil plays a more prominent role in the diet, such as the Mediterranean diet, levels of squalene can reach anywhere from 200 to 400 mg per day. Shark liver oil supplements commonly contain between 120 to 500 mg of squalene per dose. Studies have indicated that squalene supplements are tolerable up to 27 g with mild side effects [36].



The aim of the present study is to examine the formation of particles from pea or soy protein isolates that would stabilize oil-in-water emulsions for food applications. In these emulsions, α-tocopherol or squalene were encapsulated to enhance the system’s antioxidant capacity while increasing the health benefits of the system. Overall, the proposed systems could be good candidates for novel food applications.




2. Materials and Methods


2.1. Materials


Pea protein isolate (NUTRALYS® F85F) (≥83% protein content) was purchased from Roquette, France. Soy protein isolate (≥90% protein content) was purchased from Ingretia Global Trading LLC (Miami, FL, USA). Acetic acid, sodium hydroxide, 2,2-diphenyl-1-picrylhydrazyl (DPPH), 2,20-Azinobis-(3-ethylbenzothiazoline-6-sulphonate) (ABTS), α-tocopherol and potassium persulfate were purchased from Sigma-Aldrich (Chemie Gmbh Munich, Germany). The bicinchoninic acid assay kit (BCA) and Squalene (98%) were purchased from Thermo Fisher Scientific, (Waltham, MA, USA). Mygliol 812N (MCT) was purchased from IOI Oleochemical (Penang, Malaysia). Extra virgin olive oil (EVOO) and sunflower oil (SFO) were purchased from a local supermarket.




2.2. Experimental Design


2.2.1. Preparation of Particles


Both kinds of particles were prepared at four different concentrations, namely 0.1, 0.2, 0.3, and 0.5% w/v. This was in order to evaluate the ability of the particles to formulate emulsions and choose the most suitable to proceed with the rest of the experiments.



Pea Protein Isolate (PPI) Particles


The preparation of PPI particles was based on the previous study by Liang et al., (2014) [37], with some modifications. More specifically, native PPI was measured in glass vials in proper quantities to achieve the concentrations previously mentioned. Afterwards, the required volume of deionized water was added and then the dispersions were stirred for 30 min using a magnetic stirrer. Subsequently, as recommended by Liang et al., the pH was adjusted to 3.0, using HCl 1 M. The dispersions remained under magnetic stirring for 2 h and were finally stored overnight at 4 °C to allow the complete hydration of the proteins [37].




Soy Protein Isolate (SPI) Particles


Particles were prepared from native SPI using a variation of the method used by Jiang et al., (2009) [38]. In this method, proper quantities of SPI were dispersed in the required volume of deionized water, and the dispersions were placed under magnetic stirring for 30 min. Afterwards, the dispersions’ pH was shifted to 3.0 with HCl 1 M, and the dispersions remained under magnetic stirring for 2 h. Following that, pH was adjusted to 7.0 to induce the refolding of the proteins, and the magnetic stirring was carried on for one more hour [38].



Both the PPI and SPI particles were stored in the fridge to avoid microbiological growth.





2.2.2. Determination of Particles’ Dimensions and ζ-Potential by Dynamic Light Scattering (DLS)


A Zetasizer Nano ZS (ZEN3600) analyzer (Malvern Instruments Ltd., Malvern, UK) equipped with a He-Ne laser (633 nm) and non-invasive backscatter (NIBS) optics was used for initial particle size measurements of the SPI and PPI dispersions. The polydispersity index (PDI) of the particles was also determined. All samples were diluted to 0.01 mg/L, and the pH was readjusted, if necessary, because dilution with distilled water can affect the pH. For the ζ-potential measurements, no dilution was needed. For comparative purposes, the size of soluble proteins of PPI and dispersions prior to pH modification. For this, PPI and SPI were dispersed in water for 30 min. The dispersions were centrifuged to remove any insoluble parts (8000× g, 15 min), and the supernatant was diluted 500 times. Results were processed with the Malvern Zetasizer Nano software, version 6.32 (Malvern Instruments Ltd., Malvern, UK), which fits a spherical model of diffusing particles with low polydispersity. Measurements were carried out in triplicate at 25 °C [39].




2.2.3. Morphology Observation of Particles by Freeze-Fracture Transmission Electron Microscopy (FFTEM)


Freeze-fracture (FF) replica preparation was performed by putting a drop of the sample onto a gold planchette, then freezing the sample by quickly plunging the holder into liquid propane that was held at the temperature of liquid nitrogen. The freezing step must be fast in order to vitrify the sample and avoid structure disruption due to crystallization. Frozen samples were then introduced in the freeze-fracture enclosure of a BAF 060 Leica Microsystems apparatus held at a temperature of −50 °C and a pressure of 10−8 mBar. The samples were fractured using a metal knife held at a temperature of −200 °C. The fractured surface was immediately shadowed by the successive deposition of platinum at an angle of 45° and carbon at an angle of 90°. Outside the BAF060, the gold planchettes were immersed in the sample solution to detach the replicas from the samples. These replicas were then immersed in several consecutive baths of ethanol and NaOH (1M) in order to destroy the left sample, and finally in pure water for a few more hours. The replicas were finally collected on 400 mesh copper grids and dried before transmission electron microscopy (TEM) imaging. TEM was performed with a HITACHI H 600 microscope operating at 75 kV [40].





2.3. Analytical Measurements


For the present work, two O/W emulsions were prepared and stabilized by SPI or PPI particles. For the preparation, the particles’ dispersions (0.1, 0.2, 0.3, and 0.5% w/v), deionized water, acted as the aqueous phase, and EVOO as the oil phase. Both empty and loaded emulsions were prepared, with the loaded ones containing α-tocopherol or squalene as the encapsulated substance (1% w/w). α-tocopherol and squalene were dissolved in EVOO by magnetic stirring. To ensure the best dispersion in EVOO, the mixture was kept under stirring at 800 rpm for 20 min. EVOO containing the bioactives was then incorporated in the systems in the way presented below in Section 2.3.1. Furthermore, different water:oil ratios were examined, namely 80:20, 70:30, and 60:40 w/v, to assess the highest quantity of oil that can be encapsulated by each emulsion.



2.3.1. Preparation of Emulsions


The preparation method was based on the previously published work by Mwangi et. al., (2016) [41]. More specifically, the aqueous phase was measured in a glass vial followed by the stepwise addition of the oil, with or without the additives. The addition of the oil was made under high-speed homogenization using a high-speed homogenizer (X1000D Unidrive, Ingenieurbüro CAT, Ballrechten-Dottingen, Germany) with a 10 mm diameter generator, a 4eflon bearing, an immersion depth of 150 mm, and at 10,000 rpm. Following the complete addition of the oil, the homogenization was carried on for 3 more minutes at 20,000 rpm [41]. Afterwards, emulsions were allowed to reach a steady state for a few hours before any further experiments or observations were made. Due to the drop sizes and the density mismatch between oil (density equal to 0.916 g/cm3) and water, the systems were then separated into two layers, namely a serum and cream layer. The cream layer (emulsion) was used for all further analysis as well as for the stability assessment. Creaming is a natural phenomenon that is reversible under stirring. Coalescence is an irreversible phenomenon that leads to a macroscopic oil layer that is visible on the top of the emulsion. In the following sections, we will distinguish the two phenomena and discuss stability against creaming or coalescence.




2.3.2. Droplet Dimension Determination by Static Light Scattering (SLS)


A Mastersizer 2000 granulometer (Malvern Instruments Ltd., Malvern, UK) and the Mie theory were used to measure the emulsions’ droplet size. Samples were added to the “small volume sample dispersion unit” after proper dilution. The size distribution was characterized in terms of the surface-averaged diameter D and polydispersity P. The polydispersity index, also called uniformity (U), is defined as the volume-average difference between the diameter and the median diameter, normalized by the median diameter. The median diameter corresponds to the midpoint of the size distribution, meaning the diameter for which half of the dispersed phase is distributed in drops smaller than the median diameter and the other half is distributed in drops larger than the median diameter. These values result from Equations (1) and (2), where Ni is the total number of droplets with diameter Di and D50 is the median diameter, i.e., the diameter for which the cumulative undersized volume fraction is equal to 50% [42,43].


  D =     ∑  i   N i   D i 3      ∑  i   N i   D i 2     



(1)






  P =  1   D  50         ∑  i   N i   D i 3   |     D  50   −  D i   |      ∑  i   N i   D i 3     



(2)








2.3.3. Droplet Morphology Observation by Cryogenic Scanning Electron Microscopy (Cryo-SEM) and Microscopic Observation


A Leica DM IRB (Leica Microsystems GmbH, Wetzlar, Germany) inverted research microscope was used for the emulsion droplet observation. The microscope was equipped with ×4, ×10, ×20, ×40, and ×63 lenses. Samples were diluted using distilled water at the appropriate pH for each sample, specifically pH 7 for SPI samples and pH 3 for PPI samples. Samples were then placed on a microscope slide without a cover, and they were observed in a bright field.



Cryo-SEM observations were carried out with a ZEISS GEMINI 300 field emission scanning electron microscope operating at 1.5 kV. This SEM is equipped with a cryo stage PP3010T from Quorum Technologies, England. A small amount of emulsion was first set on the specimen holder and then frozen in a slushy nitrogen freezing station. Rapid freezing reduces ice crystal damage and results in improved specimen preservation. The sample was transferred into the cryo preparation chamber, held at −140 °C, and fractured with a cold blade. Then it was etched at −90 °C for 3 min or directly coated with platinum. Finally, the sample was inserted onto a highly stable SEM cold stage for observation [44].



It is worth noting that FFTEM and cryo-SEM differ in two major aspects. In FFTEM, after freeze fracturing, a replica of the sample is observed by TEM, while in cryo-SEM, after freeze fracturing, it is the sample itself that is observed by SEM and not by TEΜ.





2.4. Assessment of the Emulsions’ Stability against Creaming


2.4.1. Determination of the Creaming Index Percentage (CI%)


To assess the stability of the emulsions against creaming, storage tests in two conditions were performed. In one case, emulsions (empty and loaded) were prepared in 12 mL flat bottom glass tubes (15 mm in diameter and 50 mm in height) with screw cups and were kept at ambient temperature. In the second case, the vials were kept in the fridge at 4 °C. The systems were separated into two layers (cream/emulsion and serum), within a few minutes after they were prepared. The formation and proportion of the cream layer (emulsion) during storage were observed. The data were collected every 5 days. Their stability against creaming was quantified by the creaming index (CI%), which represents the cream layer height (Hc) expressed as a percentage of the total height of the emulsion height (HE) in the tube and is calculated by Formula (3) [45]. The procedure was carried out three times.


  C I =  (    H c   H t    )  × 100  ( % )   



(3)








2.4.2. Determination of the Percentage of Adsorbed Proteins (AP%)


The bicinchoninic acid (BCA) method was also employed in order to determine the percentage of adsorbed proteins (AP%) as a means of explanation for each emulsion’s stability time. The BCA assay method is based on the fact that the sodium salt of bicinchoninic acid reacts with the cuprous ion generated by the biuret reaction under alkaline conditions. The bicinchoninic acid cuprous complex forms a deep blue color that is read at 562 nm, and the detection range is 0.2–50 μg [46]. For this procedure, 1 mL of the pH-treated SPI and PPI particle dispersions, as well as 1 mL of the serum phase of the emulsion, were centrifuged (10,000× g, 5 min). The protein content of the supernatants was measured by the bicinchoninic acid (BCA) assay [47]. The protein fraction (AP%) was calculated by Equation (4), in order to assess the amount of proteins that are adsorbed on the oil-water interface.


  A P =  [     C 0  − C s    C 0     ]  × 100  ( % )   



(4)







In the formula, C0 was the protein concentration in the initial dispersions, and Cs was the protein concentration in the aqueous phase [48]. The absorbance measurements were performed with a Safire2 (Tecan, Männedorf, Switzerland) plate reader. The procedure was carried out three times.





2.5. Assessment of the Emulsions’ Antioxidant Capacity by DPPH Free Radical or ABTS + Cation Scavenging


The emulsions’ antioxidant capacity was measured by a colorimetric DPPH assay. The procedure followed was the one previously described by Bi et al., (2021) [49] with slight modifications. Briefly, 2 mL of a DPPH solution in ethyl acetate (0.108 mM) was measured in a plastic tube, and afterwards, 100 μL of sample was added. The mixture was vigorously shaken and kept in the dark for 30 min. Following that, the absorption was measured at 515 nm. Ethyl acetate was used as a blank and a mixture of 2 mL DPPH and 100 μL of ethyl acetated was used as the control sample. The % inhibition of the free radical was calculated with Formula (5), where A0 is the control sample’s absorption and A1 is the absorption after the 30 min reaction time [49].



The ABTS assay was also employed as a means to verify the scavenging ability of the bioactives against free radicals. The total antioxidant activity is measured by the ABTS + radical cation decolorization assay involving a preformed ABTS ÷ radical cation. ABTS ÷ is prepared by reacting ABTS (7 mM) with potassium persulfate (140 mM) in a ratio of 1:0.5, and the mixture is allowed to stand in the dark at room temperature for 16 h before use. The radical cation is stable in this form for more than 2 days in storage in the dark at room temperature. Prior to assay, the solution is diluted in water to give an absorbance at 734 nm of 0.70 + 0.02. The ratio of radical to sample was 1:20. Formula (5) was also used in this case in order to deduce the samples’ antioxidant activity. The absorbance was measured for the ABTS at 734 nm before the addition of the samples. After the addition of the samples, the absorbance was measured again after 30 min [50].


  % I n h i b i t i o n =  [    A 0 − A 1   A 0    ]  × 100  ( % )   



(5)









3. Results and Discussion


In the present study, two O/W emulsions stabilized by PPI or SPI particles were prepared, and α-tocopherol or squalene were encapsulated in the oil droplets. The PPI and SPI particles were produced from native PPI and SPI, respectively, via the pH shifting method. The emulsions were prepared by high-speed homogenization. The particles shape was assessed by FFTEM, and their size was measured with the use of DLS, while the emulsions were macroscopically observed to assess their stability against creaming with the aid of the creaming index and against coalescence. Their morphology was evaluated microscopically with an optical microscope, and their size was measured with the use of a Mastersizer granulometer. The antioxidant capacity of both empty and loaded emulsions was evaluated by a DPPH colorimetric assay.



3.1. Particles’ Preparation, Dimensional Determination, and Morphology Observation


The preparation of both SPI and PPI particles has been studied before with time and pH conditions to optimize the particles’ preparation methods [51,52,53,54]. The proper modification of the particles is of great importance, as the stability, type (O/W or W/O), and morphology of particle emulsions are highly dependent on the properties of solid particles [55]. Liang & Tang (2014) found that at pH 3.0, most of the proteins in PPI were in the nanoparticle form [37]. For SPI particles, Jiang et al. suggested that the best method to obtain nanoparticles is the one described at Section 2.2, after treating SPI at several pH values and different treatment times, having found that pH 3.0 is the optimum for SPI [38]. In order to quantify the amount of protein converted to particles, the following test was performed: After the preparation of particles at 0.3% w/w, a measured volume was placed in a centrifuge tube. The content of the tube was centrifuged at 8500× g for 20 min in order to collect the particles. Afterwards, the supernatant, which contained the dissolved proteins that had not converted to particles, was collected in a pre-weighted container. The water was removed by freeze-drying, and the container was weighed again. The difference in weight was converted into a percentage, and the results for PPI were that 77% of the protein is converted, compared to 67% of the SPI proteins.



Dynamic light scattering was applied in order to measure the size of the particles after their acidic treatment. All dispersions exhibited a wide and heterogeneous particle size distribution profile, with sizes ranging from 128–255 nm for the PPI particles and from 26–422 nm for the SPI particles. The fact that the particles are not monodispersed is also mirrored in the PDI values. These results are in accordance with those of previous studies [37,56]. PPI and SPI dispersions were also measured by DLS prior to pH treatment for comparative purposes. Both protein isolates had two major size groups. For PPI the 2 size populations were at 1041 nm (79.5% Intensity) and at 109.4 nm (20.5% Intensity), while for SPI at 1259 nm (70.1% Intensity) and 190.5 nm (29.9% Intensity) [57]. Furthermore, DLS was used to determine the ζ-potential of the particles. It was found that for SPI the ζ-potential was −31.37 ± 0.67 mV, and for PPI it was +32.77 ± 0.32 mV. ζ-potential for both those particles has been measured before. The results presented are in accordance with those previously published [53,58].



FFTEM images were also obtained and proved that the particles are of spherical shape, thus the DLS’s hypothesis of spherical objects can be applied without misrepresenting the obtained results. The main goal of the FFTEM was indeed to assess particle morphology. We chose not to exploit this technique to deduce particle sizes because many artefacts could alter this determination (dilution, filtration, the position of the fracture that may not capture the equatorial position, etc.). Nevertheless, this method was preferred to TEM, which would have required a drying process that could have altered the particle morphology. Instead, the sizes were determined by DLS. In Figure 1, FFTEM images of PPI particles (A) and SPI (B) are presented. The images provided are of the main size population of each protein. As can be seen in Table 1, most of the PPI particles’ diameter was around 128 nm, while for SPI particles it was mainly about 26 nm. Images of protein particles have been obtained before with the freeze-fracture technique and are in accordance with the ones obtained for this project [59].




3.2. Emulsions’ Preparation, Droplets Dimensional Determination, and Morphology Observation


In order to form emulsions with the best possible characteristics, such as stability against coalescence, droplet dimensions, and antioxidant ability, several factors have to be considered. Such parameters are the concentration of particles, the oil type, and its volume fraction, as well as the homogenization method. These parameters are the most important factors for emulsion stability and droplet size [60]. For this purpose, several combinations of particle concentrations and water:oil ratios were tested. Furthermore, different homogenization speeds and homogenization times were applied. One more parameter that was tested was the type of oil that was used. Both particles (PPI and SPI) were used at four different concentrations, namely 0.1, 0.2, 0.3, and 0.5% w/v. All concentrations were tested in 80:20, 70:30, and 60:40 water: oil ratios. The homogenization times that were tested were 1, 2, and 3 min. Homogenization speeds ranged from 5000 to 20,000 rpm. For the oil phase EVOO, sunflower oil and MCT oil were examined. With these combinations, the one with 0.3% w/v particles and 70:30 water: oil ratio was considered the best in terms of stability and incorporation capability, as all of the oil was able to be encapsulated, and the droplet size that was acquired was the smallest. EVOO was chosen as the oil phase since sunflower oil and MCT oil could not be fully incorporated into the emulsion at the 70:30 water:oil ratio. In pursuit of an explanation, control emulsions of oil and water (with no particles) were prepared under the same conditions as the emulsions. It was observed that EVOO formed emulsions that remained stable for several days, while the emulsions formed by sunflower oil or MCT collapsed after 2 days. This could be due to the fact that EVOO is a mixture of triglycerides of several fatty acids and small quantities of other components that display surface-active abilities [61,62,63,64]. This means that EVOO may also exhibit emulsifying/stabilizing properties or components able to promote particle adsorption; thus, it was chosen as the most promising candidate for the present study. Nevertheless, the emulsions were observed at times larger than the control destabilization time to ensure that they were also stabilized by the Pickering effect. Hence, all systems that were used to encapsulate the bioactive compounds and that were further analyzed had a 0.3% w/v particle concentration and a 70:30 water:EVOO ratio with both protein isolates.



3.2.1. Droplet Size Determination by Static Light Scattering (SLS)


SLS uses the technique of laser diffraction to measure the particle size and particle size distribution of materials. It does so by measuring the intensity of light scattered as a laser beam passes through a dispersed sample. This data is then analyzed to calculate the size of the particles that created the scattering pattern.



In Table 2, the droplet size of empty and loaded emulsions is presented. All samples show a uniformity ranging from 0.3 to 0.45, showing that the emulsions are quite polydisperse; nevertheless, the distributions remain monomodal. In addition, a representation of the PPI empty sample’s droplet diameter distribution is given as an example in Figure 2. This came as no surprise since the particles that stabilized them were very heterogeneous in terms of size and therefore led to droplets of various sizes. Several studies have examined the fact that particles’ size affects the emulsions’ droplet diameter in a proportional manner, meaning that bigger particles form larger droplets [65,66,67] in the case where particles are in excess in the continuous phase. The two kinds of emulsions seem to have similar droplet sizes, since the difference in diameter is not significant when taking into account the polydispersity of the emulsions. This is also supported by the fact that the particles that stabilize these emulsions do not differ much, in terms of size, as shown in Table 1. Another useful conclusion that could be drawn from the measurements is that the encapsulation of both α-tocopherol and squalene does not have an effect on the droplet size. Previous studies have also reported that no size differences were observed after the encapsulation of bioactive compounds [68]. This indicates that the two molecules are likely encapsulated in the core of the drops and do not perturb the interface.




3.2.2. Droplet Morphology Observations by Cryogenic Scanning Electron Microscopy (Cryo-SEM) and Microscopic Observation


The emulsions’ droplets were observed by cryo-SEM and an optical microscope. The images obtained from the microscope showed spherical droplets with various sizes, which supports the large value of the uniformity obtained from the SLS measurements. Such images have been observed in previous works that have focused on the preparation of O/W emulsions stabilized by pea and soy protein isolates [58,69,70,71]. The texture of the droplets can also be commented on, since in some images, droplets appear to have a smooth surface (Figure 3A), while in others, there seems to be a rough layer (Figure 3B) around them of probably larger particles or insoluble proteins. Those smaller droplets during the SLS measurements were probably “hidden” from the dominant larger ones. When droplet size was measured manually from the microscopy images, the resulting size was slightly smaller than that obtained with the Mastersizer.



On the other hand, cryo-SEM analysis made it quite difficult to provide a distinct outline of individual particles at the interface of droplets. It was also challenging to make the observations, especially at high magnification, because samples were thermally sensitive and the radiation from the electron beam led to melting. Such a phenomenon can be seen in Figure 4A, where cracks are visible. It sometimes seems as though there are two levels of roughness, but it is hard to say because zooming is not possible due to the sensitivity of the samples (Figure 4B). Nevertheless, some concrete results can be collected, such as the round shape of the particles as well as the droplets. In addition, a clear image of a droplet covered by SPI particles is presented in Figure 4C. Furthermore, the data and images that were collected are supported by figures published in other studies [72,73].





3.3. Stability Assessment against Creaming and Coalescence of the Emulsions


The stability of the emulsions against creaming was assessed by monitoring the emulsions’ CI% during storage. Two different storage conditions were examined, namely 4 °C and 25 °C. All the emulsions, freshly prepared, underwent a fast creaming process. The emulsions stability was assessed by their respective creaming stability in terms of percentage creaming index (CI%) upon storage. The emulsions’ CI% was measured every three days up to the point of collapse. The %CI of the SPI empty as well as the loaded emulsions is 66.7% at day 0 (Figure 5a), while for the PPI it is 53.3% (Figure 5e). If the emulsion occupies 53.3% of the volume while the volume fraction of oil is 31.9% (density of EVOO = 0.916 g.cm−3), this means that droplets are packed with a capacity of 0.60 in the PPI-stabilized emulsion, a value close to the random close packing, or, in other words, drops of cream without strong interactions. The compacity is a bit lower (0.48%) in the SPI-stabilized emulsions, likely due to some weak drop attractions. For the SPI samples that were stored at ambient temperature, the CI% started to decrease gradually, and at 10 days, oil was visible on top of the emulsions and reached 13.3% (Figure 5b) meaning a destabilization through coalescence. On the other hand, PPI emulsions stored at the same conditions were more stable (Figure 5e,f) against both creaming and coalescence. At 10 days, a small quantity of oil was visible on top of the empty emulsion and the one loaded with squalene. CI% remained the same for the α-tocopherol containing emulsion, while it reached 50.1% for the other two PPI emulsions (Figure 5f). Microbial growth was also observed on some of the emulsions after the tenth day of storage at 25 °C. Microbial growth was not observed for samples containing α-tocopherol and squalene that were stored at ambient temperature and for all samples that were stored at 4 °C. It has been previously reported that microbial growth started for SPI emulsions after 6 days of storage at ambient temperature and after 9 or 10 days for PPI emulsions [74,75]. Furthermore, squalene as well as α-tocopherol have been found to act against microorganisms, which explains the resistance of the samples containing them against microbial growth [76,77].



Storage at 4 °C increased the stability of both types of emulsion. The cream after the first few hours of storage was much firmer, which is expected since EVOO’s viscosity at 4 °C is higher than at room temperature [78]. The CI% does not change for any of the samples for a period of more than 60 days (Figure 5), and no oil release is observed for any of the emulsions.



The AP% is also a strong indication of an emulsion’s stability against coalescence and creaming, since a higher amount of protein stabilizes the emulsion further, but there is a certain threshold of protein concentration that can be adsorbed at the oil-water interface. In this case, 70% of the initial protein content was adsorbed at the oil-water interface of PPI emulsions, while the adsorption decreased to 45% for the SPI emulsions. This fact explains, in a certain degree, the increased stability of the PPI emulsions against those stabilized by SPI. The higher amount of non-adsorbed SPI may also explain the lower compacity of the creamed emulsion as the non-adsorbed protein can induce attractive interactions through depletion. Previous studies have reported that the AP% for PPI stabilized emulsions, with PPI concentrations up to 1% w/w, reached 84.33% [79]. On the other hand, lower AP% values that reach 19.9%, for concentrations under 1% w/w have been reported for SPI [80]. The main explanation behind these results lies in the isolates’ composition and surface hydrophobicity. The consistency of both SPI and PPI has been previously studied, and it has been found that 80% of the SPI proteins are 7S (b-conglycinin) and 11S (glycinin), which are highly soluble, while convicillin, vicilin, and a- and b- subunits of legumin constitute the most part of the PPI protein fraction [81,82]. The highest hydrophobicity of pea proteins explains their better adsorption at the oil-water interface. PPI is also the only isolate that was found to contain fat, increasing its affinity towards the oil phase of the emulsion [9]. It has also been reported that the surface hydrophobicity of SPI proteins decreases when the SPI treatment happens under 90 °C, affecting its emulsifying capacity [83].




3.4. Assessment of the Emulsions’ Antioxidant Capacity by DPPH Free Radical Scavenging


The antioxidant capacity of O/W emulsions was measured spectrophotometrically, with the DPPH and ABTS cation scavenging techniques over time to observe the reaction between the free radicals and the emulsions. Table 3 includes the % scavenging of the DPPH and ABTS cation free radicals 30 min after the addition of the emulsion in the DPPH solution. The 30-min time frame gives the reaction enough time to reach a plateau, so that the scavenging potential measured in each sample would be the maximum.



The results obtained show that all emulsions have a scavenging effect against both radicals, suggesting that they can be characterized as antioxidants at least for this kind of antioxidant mechanism. Both for the SPI and the PPI emulsions, the empty ones exhibit the lowest antioxidant effect. The difference in the antioxidant effect between the two empty emulsions is not significant, indicating that whatever antioxidant effect appears comes from the EVOO and the protein contribution is minimal, if not nonexistent. EVOO’s antioxidant capacity is well-known and widely studied, while for SPI and PPI, antioxidant capacity has been reported when they are previously hydrolyzed [84,85]. Moving on to the loaded emulsions, it is clear in both systems that the ones containing α-tocopherol exhibit higher antioxidant activity than those that contain squalene. Previously published studies that have examined the roles of several molecules, including squalene and α-tocopherol, in lipid environments have shown that α-tocopherol is the dominant antioxidant compound. More specifically, Naziri et al., 2015 studied the contribution of squalene and tocopherols on the oxidative stability of cold-pressed pumpkin seed oil and showed that the antioxidant activity of squalene commenced 3 weeks into the study, while α-tocopherol was the molecule that acted as an antioxidant during that time [86]. Furthermore, studies that examined the degradation rates of squalene, α-tocopherol and phenolics, reported that α-tocopherol had the highest degradation rate because it acted protectively over squalene’s and phenols’ oxidation. Those studies also suggest, as an explanation of squalene’s reduced antioxidant capacity, the competitive oxidation of different lipids present in olive oil [87]. Moreover, antioxidant activity, in general, mainly depends on the number and positions of phenolic hydroxyl groups. This fact stands in favor of α-tocopherol’s superior antioxidant ability [88,89,90]. On the other hand, α-tocopherol has been proven to be a rather effective antioxidant, especially in lipid-based systems, since it can act synergistically with other molecules that exhibit antioxidant activity [91,92]. One more factor that can affect the system’s antioxidant ability is the placement of the antioxidants in the oil droplet. Although both compounds are oil soluble, α-tocopherol has the hydroxy-phenol group that could orient the molecule closer to the water-oil interface. One more factor that affects the antioxidant ability of a molecule is the length of the alkyl chain. The antioxidant capacity increases with the increase of the alkyl chain up to a point, and then it starts to decrease. It has been found that the optimum antioxidant activity is achieved with chain lengths from 2 to 13 carbon atoms. From that point of view, the antioxidant activity declines [93]. If we do not take into account the carbon atoms of α-tocopherol’s phenol group, which are not in an open chain, then we can see that squalene has a significantly higher number of carbon atoms in an open chain that α-tocopherol. Between the SPI and PPI systems, loaded with either α-tocopherol or squalene, no remarkable difference can be reported.





4. Conclusions


Pea and soy protein isolates were used to create particles via the pH shifting method to form two O/W emulsions. The particles formed were of spherical shape and polydispersed, leading to emulsions with a quite high value of uniformity in terms of droplet size while maintaining a monomodal drop size distribution. These emulsions were then used for the encapsulation of two bioactive compounds, namely α-tocopherol and squalene. Both kinds of emulsions had EVOO as the oil phase. The water:oil ratio that was finally examined was 70:30 w/w. Both particles successfully formed emulsions at this ratio. The droplets of the two kinds of emulsions were of similar size and spherical shape. The encapsulation of the bioactives, at least at the concentration used in the present study, did not appear to have a great effect on the size. The stability of the emulsions was tested under two conditions. More specifically, empty and loaded emulsions, were stored at ambient temperature and at 4 °C, and it was found that while at room temperature PPI emulsions were more stable than SPI emulsions, when stored at 4 °C, no big differences in stability were detected. Empty and loaded emulsions exhibited antioxidant activity, with a noticeable increase in antioxidant activity when loaded at 1% of α-tocopherol or squalene. SPI and PPI emulsions loaded with α-tocopherol exhibited the highest scavenging ability of all other samples against the DPPH free radical and the ABTS cation.



Overall, PPI and SPI were successful in forming particles that stabilized emulsions that were used for the encapsulation of α-tocopherol or squalene. The additives enhance the systems’ antioxidant capacity. The use of EVOO as the oil phase provides the system with added nutritional value. The use of proteins as stabilizers, as well as the presence of olive oil and the two bioactive compounds, lead us to believe that these systems are very good candidates as delivery systems of nutraceuticals in foods and especially plant-based products.
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Figure 1. FFTEM images at 75.0 kV of (A) PPI particles (150,000× magnification) and (B) SPI particles (200,000× magnification). 
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Figure 2. Mean droplet diameter of the PPI empty emulsion obtained by static light scattering. 
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Figure 3. A × 10 magnification of PPI empty emulsions of (A) droplets with a smooth surface, and (B) droplets with a rough surface. The two images were taken from the same emulsion. 
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Figure 4. Cryo-SEM image of (A) PPI emulsion, (B) PPI emulsion droplet covered by PPI particles, and (C) SPI emulsion droplets covered by SPI particles. 
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Figure 5. (a) SPI-stabilized emulsions at day 0, 25 °C, from left to right: empty, with α-tocopherol, with squalene, (b) SPI-stabilized emulsions at day 10, 25 °C, from left to right: empty, with α-tocopherol, with squalene, (c) SPI-stabilized emulsions at day 0, 4 °C, and (d) SPI-stabilized emulsions at day 10, 4 °C, from left to right: empty, with a-tocopherol, with squalene, (e) PPI-stabilized emulsions at day 0, 25 °C, from left to right: empty, with α-tocopherol, with squalene, (f) PPI-stabilized emulsions at day 10, 25 °C, from left to right: empty, with α-tocopherol, with squalene, (g) PPI-stabilized emulsions at day 0, 4 °C, and (h) PPI-stabilized emulsions at day 10, 4 °C, from left to right: empty, with α-tocopherol, with squalene. 
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Table 1. Dynamic light scattering results of the particles’ hydrodynamic diameters and PDI. Each value in the table is represented as the mean ± SD (n = 3).
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	Peak 1 (nm)
	Peak 2 (nm)
	Peak 3 (nm)
	PDI





	PPI particles
	128 ± 57
	293 ± 50
	555 ± 50
	0.494 ± 0.049



	SPI particles
	26 ± 3
	270 ± 43
	422 ± 32
	0.404 ± 0.099
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Table 2. Determination of the emulsions’ droplet diameter and uniformity by static light scattering. Each value in the table is represented as mean ± SD (n = 3). A t-test was employed for the statistical analysis. Significant differences between values in the same column are indicated by different letters a, and b (p < 0.1).
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	Sample
	d (μm)
	Uniformity





	PPI empty
	57.9 a ± 0.1
	0.30 a ± 0.01



	PPI α- tocopherol
	57.0 a ± 0.1
	0.31 a ± 0.01



	PPI squalene
	62.2 b ± 0.5
	0.31 a ± 0.01



	SPI empty
	60.0 a ± 6.9
	0.45 a ± 0.03



	SPI α- tocopherol
	66.4 a ± 1.5
	0.38 b ± 0.01



	SPI squalene
	67.7 a ± 5.0
	0.41 a ± 0.02
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Table 3. % scavenging ability of empty PPI and SPI emulsions and their respective loaded ones with α-tocopherol or squalene. Each value in the table is represented as the mean ± SD (n = 3). A t-test was employed for the statistical analysis. Significant differences between values in the same row are indicated by different letters a, b, and c (p < 0.1).
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% DPPH Scavenging






	
PPI empty

	
PPI α-tocopherol

	
PPI squalene




	
37.3 a ± 0.7

	
86.1 c ± 0.1

	
62.0 b ± 0.1




	
SPI empty

	
SPI α-tocopherol

	
SPI squalene




	
39.5 a ± 0.1

	
83.6 c ± 0.1

	
60.6 b ± 0.1




	

	
% ABTS Scavenging

	




	
PPI empty

	
PPI α-tocopherol

	
PPI squalene




	
26.1 a ± 0.9

	
77.8 c ± 0.3

	
52.4 b ± 0.1




	
SPI empty

	
SPI α-tocopherol

	
SPI squalene




	
25.5 a ± 0.1

	
68.5 c ± 0.2

	
58.7 b ± 0.3
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